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Abstract 

Microorganisms can sustain viability by maintaining low metabolism under energy-

limited conditions, a condition that fundamentally reduces antibiotic effectiveness and 

complicates clinical treatment. Understanding how bacteria remain viable in such low-

energy conditions is therefore essential. This dissertation investigates how bacteria 

exploit extracellular electron transfer (EET) to sustain metabolism under anaerobic, 

energy-limited conditions. Using Pseudomonas aeruginosa as a model organism, the 

author examined how redox-active metabolites (RAMs) mediate electron shuttling and 

how efflux pumps together with membrane permeability govern the efficiency of this 

process. The author further determined how these transport and energetic constraints 

shape survival over extended periods of metabolic limitation. Across four research 

chapters, the work follows a logical progression: 

Chapter 1 introduces the core physiological requirements that bacteria must sustain 

under low-energy conditions, including redox homeostasis, proton-motive force, and 

membrane functionality. It further discusses how microbes employ EET to support 

minimal metabolic activity when conventional anaerobic respiration is restricted. In 

addition, this chapter outlines the antibiotic tolerance of bacteria while operating in 

such energetically constrained states. Together, these concepts provide the mechanistic 

framework necessary to understand the EET-dependent survival strategies examined in 

the subsequent chapters. 

Chapter 2 establishes a quantitative platform for measuring low-energy metabolism. 

Through collaboration with the Newman laboratory at California Institute of 

Technology, Division of Biology and Biological Engineering, P. aeruginosa 

electrochemically incubated in the presence of RAMs were identified as maintaince 
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state without any growth. However, the limited throughput of electrochemical 

incubation was a crucial constrain to further explore the mechanism of maintenance 

state. To this end, the author used a 96-well electrochemical system, developed in-

house, and quantified phenazine-1-carboxamide (PCN)–mediated EET across defined 

concentrations under strictly anaerobic conditions. Charge integration normalized to 

colony forming unit, the number of viable cells, yielded a cell-specific metabolic rate 

of approximately 3,000 electrons s-1	 cell-1, suggesting the minimal energetic 

requirement necessary to sustain viability without growth. This platform provides a 

high-throughput method for characterizing maintenance metabolism and forms the 

analytical foundation for the mechanistic studies in subsequent chapters. 

Chapter 3 investigates the role of efflux pumps in maintenance metabolism. Although 

these systems are classically associated with antibiotic resistance, their bioenergetic 

functions in non-growing cells have remained poorly understood. Using a 96-well 

anaerobic electrochemical platform, the author genetically manipulated efflux activity 

to define its impact on P, aeruginosa metabolism. By examining efflux overexpression 

strains under maintenance state, the author demonstrated that efflux capacity governs 

metabolic throughput. During maintenance phase, efflux overexpression increases cell-

specific metabolic rate, dissipating proton-motive force (PMF), imposing a significant 

energetic burden that not only fails to enhance antibiotic resistance but further reduces 

population survival under anaerobic conditions. The increased metabolic flux per cell 

is consistent with compensatory metabolism that restores PMF consumed by efflux 

activity—supported by membrane-potential measurements. These results establish 

efflux pumps as bioenergetic regulators rather than simple detoxification valves, 

coupling export, and metabolism.  

Chapter 4 demonstrates that membrane permeability is a central determinant of RAM-

mediated metabolism under maintenance state in the presence of other physiologically-
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relavant RAM, pyocyanin (PYO). PCN, a low-permeability RAM, becomes limited by 

PMF-dependent export at high concentrations, leading to a metabolic plateau. In 

contrast, the more permeable PYO maintains unsaturated transport and continues to 

drive metabolic activity even when PMF is dissipated. PYO increased antibiotic 

sensitivity compared with PCN: higher PYO concentrations increase tobramycin killing 

in proportion to metabolic rate. Across a broader RAM panel, diffusion-associated 

current under PMF collapse strongly predicted total metabolic flux, indicating that 

hydrophobicity and molecular rigidity govern passive permeability in P. aeruginosa. 

Together, these findings identify membrane permeability as a key factor controlling 

electron-shuttle efficiency, metabolic throughput, and antibiotic susceptibility, and 

highlight highly permeable RAMs as potential tools to restore antibiotic efficacy under 

energy-limited conditions. 

Chapter 5 extends these mechanistic insights to environmental microbiology by 

developing a rapid, culture-free tool to identify electroactive bacteria (EAB). Having 

shown in earlier chapters that EET is essential for survival under low-energy conditions, 

the author next asked which environmental microbes naturally possess strong EET 

capability. To address this, osmium-grafted magnetic nanobeads (M@FA-Os NPs) 

were created to selectively capture cells capable of DAB-polymer–mediated redox 

activity on their outer membranes. Because many EAB express outer-membrane 

cytochromes (OMCs) that catalyze DAB polymerization, M@FA-Os NPs associated 

specifically with Shewanella oneidensis MR-1, model EAB with OMCs, but not with 

EET-deficient Escherichia coli K-12. Magnetic enrichment increased MR-1 abundance, 

protein content, and current generation. Applied to environmental soil microbiota, the 

method shifted community composition toward putative electrogenic taxa, producing 

faster current onset, a 16-fold higher current peak, and greater long-term charge output. 

These results show that M@FA-Os NPs enable rapid and selective enrichment of EAB, 
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improving microbial electrochemical performance and facilitating the discovery of 

EET-related taxa and genes in complex environments. 

Chapter 6 provides an overall summary of this dissertation and outlines future 

directions, including investigating additional cellular processes that may be essential 

under maintenance conditions—such as membrane and ionic homeostasis—and 

applying rapid EET-enrichment tools to examine the universality of EET-supported 

survival strategies in natural microbial communities. Together, these findings establish 

transport-governed EET as a central determinant of survival under energetic scarcity 

and offer methodological advances for uncovering EET-linked metabolic strategies 

across diverse microbial systems. 
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Chapter 1  Introduction – Survival Strategies of Aerobes Under 

a Low-power Metabolic State 

All living cells, from humans to microbes, require a continuous supply of energy to 

sustain life. Such energy fuels not only growth, but also essential physiological 

processes such as maintaining redox balance, preserving membrane potential, and 

exporting toxic byproducts (1-3). However, during survival, the availability of energy 

resources is not always guaranteed. Microorganisms—particularly aerobic bacteria—

frequently encounter environments where electron acceptors, most notably oxygen, are 

limited or temporarily unavailable. For instance, oxygen in moist soil is rapidly 

depleted (4, 5), and even within the human body, bacteria that colonize the lungs often 

become embedded in hypoxic or anoxic mucus (6, 7). Even the interior of their self-

generated biofilms is frequently oxygen-depleted (8, 9). Such oxygen-limited 

conditions constrain the capacity of aerobes to generate ATP through respiration (10), 

pushing them into a low-power metabolic state—a condition of limited energy 

throughput where basic physiological functions become difficult to maintain (11). 

Although obligate aerobes are traditionally thought to depend strictly on oxygen (12), 

many studies have shown that they possess anaerobic survival mechanisms to overcome 

this metabolic challenge (13, 14)—namely, maintaining redox homeostasis and proton 

motive force (PMF) despite the disruption of the electron transport chain caused by the 

absence of oxygen. Notably, under such oxygen-limited conditions, bacteria often 

exhibit heightened resistance to antibiotics, posing a major challenge in both 

environmental and medical contexts (15, 16). However, these survival strategies remain 

understudied, even though they are to be likely ecologically and clinically significant. 

In this chapter, I introduce the current understanding of how facultative aerobes manage 

to survive and adapt under oxygen-limited and antibiotic-stressed conditions. Building 
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upon this foundation, this chapter will also delineate the research motivation, and 

overview in this thesis. 

1.1 Background 

1.1.1 Basic physiological requirements for survival 

Compared to oxic conditions, where bacteria possess sufficient energy to support rapid 

growth, under anoxic conditions they instead prioritize the maintenance of essential 

physiological functions (1-3). Among these, sustaining a minimal level of proton 

motive force (PMF) appears to be critical, as numerous survival-related processes—

including efflux pump-mediated waste export and ion transport for osmotic 

regulation—depend on PMF (17, 18). Under respiratory conditions, bacteria typically 

generate PMF via the electron transport chain (ETC), which then drives ATP synthesis 

through the F₁F₀-ATP synthase in a process known as oxidative phosphorylation 

(Figure 1) (19). However, under fermentative conditions, the F1F0-ATP synthase 

reverses its function, hydrolyzing ATP derived from substrate-level phosphorylation to 

sustain residual PMF in the absence of an active electron transport chain (Figure 1)  (18, 

20). Although numerous studies have demonstrated that chemically disrupting PMF 

using agents such as CCCP (carbonyl cyanide m-chlorophenyl hydrazone) or DCCD 

(N,N′-dicyclohexylcarbodiimide) compromises bacterial viability (20, 21), this does 

not necessarily imply that higher PMF levels always favor survival under anaerobic 

conditions. For instance, certain facultative aerobes such as Bacillus subtilis actively 

reduce their PMF under nutrient-limited conditions, which paradoxically improves 

their survival (22). These findings suggest that bacteria may finely tune their PMF 

levels to balance energy expenditure with essential physiological needs. While 

technical challenges remain under oxygen-limited conditions, several approaches have 

been developed to quantitatively or semi-quantitatively assess PMF at the single-cell 
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level—including genetically encoded fluorescent biosensors (inserted into the 

cytoplasmic membrane) (23), radiolabeled probes (e.g., [³H]TPP⁺, [¹⁴C]benzoate) (21), 

and membrane potential-sensitive dyes (e.g., DiOC₂(3)) (24). Therefore, the 

investigation of PMF regulation under energy-limited states is becoming increasingly 

feasible and holds great promise for future discoveries.  

Another critical factor for anaerobic survival is redox homeostasis, which is directly 

tied to ATP production and metabolic flux (25). Redox balance relies on several key 

cofactor pairs: NADH/NAD⁺, which is primarily associated with energy conservation; 

NADPH/NADP⁺, which supports biosynthesis and reductive metabolism; and 

GSH/GSSG, which functions in redox buffering and maintenance of protein disulfide 

bonds (26-29). Disruption of any of these redox systems can lead to significant declines 

in viability. For instance, in Mycobacterium tuberculosis, deletion of NADH 

dehydrogenases (Ndh-1 and Ndh-2) impairs NAD⁺ regeneration, disrupting redox 

balance and decreasing survival (30, 31). Even in the absence of ETC, alternative 

NADH oxidation pathways can enhance viability (31). In non-growing Escherichia coli, 

however, it is NADPH regeneration—rather than NADH abundance—that becomes 

rate limiting for redox reactions, underscoring the critical role of maintaining NADPH 

homeostasis (32, 33). In addition, glutathione safeguards thiol-containing enzymes 

through reversible S-glutathionylation, thereby preventing aberrant disulfide bond 

formation and protecting enzyme activity under oxidative stress (34, 35). 

PMF and redox balance, particularly the NAD⁺/NADH ratio, are tightly coupled. Under 

respiration, oxidation of NADH via the ETC not only regenerates NAD⁺ but also drives 

proton translocation to establish PMF (Figure 1) (19). Conversely, when PMF is 

artificially reinforced under anaerobic respiration, cells can display elevated ATP 

synthesis, accelerated nutrient utilization, expanded NADH/NAD⁺ pools, suggesting 

that PMF can in turn exert a reverse influence on redox balance (36). Under 
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fermentation, if the NAD⁺/NADH balance collapses, substrate-level phosphorylation is 

impaired, leading to reduced ATP production (Figure 1). Consequently, the limited 

ATP supply constrains the ability of ATP synthase to hydrolyze ATP and sustain 

residual PMF levels (18, 20). Thus, PMF and the NAD⁺/NADH balance reciprocally 

regulate each other, and their interplay critically shapes cellular metabolism, survival. 

 

1.1.2 Anaerobic Metabolic Pathways maintained by extracellular electron 

transfer 

Under oxygen-limited conditions, cells can generate energy through two main 

strategies: anaerobic respiration and fermentation. During anaerobic respiration, 

electrons from NADH are transferred through the electron transport chain (ETC) to 

non-oxygen terminal electron acceptors, establishing a proton motive force (PMF) that 

drives oxidative phosphorylation to produce ATP (37). The specific form of anaerobic 

respiration depends on the nature of the terminal electron acceptor. When soluble 

electron acceptors such as fumarate, sulfate, or nitrate are used, the entire ETC can 

operate within the inner membrane (37, 38). However, if the terminal electron acceptor 

is insoluble and located extracellularly, the ETC must be extended to the outer 

membrane (39). A classic example is Shewanella oneidensis MR-1, which utilize the 

MtrCAB-OmcA complex to transfer electrons from the inner membrane to outer-

membrane-bound cytochromes, ultimately reducing extracellular insoluble acceptors 

such as Fe(III) or Mn(IV) oxides (40). This process, in which outer-membrane 

cytochromes directly donate electrons to extracellular electron acceptors, is referred to 

as direct extracellular electron transfer (direct EET). 

In contrast, fermentation occurs in the absence of external electron acceptors. Under 

such conditions, ATP is generated through substrate-level phosphorylation from carbon 

sources like glucose (41). To maintain redox balance, electrons from NADH produced 
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during glycolysis are transferred to internal organic intermediates such as pyruvate, 

which are further reduced into products like lactate or succinate. This regenerates 

NAD⁺ and supports continued glycolytic flux (41). Notably, redox-active metabolites 

contribute to NAD⁺ regeneration, with phenazines—endogenous metabolites produced 

by Pseudomonas aeruginosa—serving as a prominent example (42). In P. aeruginosa, 

arginine supports anaerobic survival via the arginine deiminase pathway, which directly 

generates ATP without involving redox-coupled reactions (20, 43). By contrast, when 

glucose is available, additional ATP synthesis beyond glycolytic pyruvate production 

relies on the conversion of pyruvate to acetate by acetate kinase, a process that requires 

NAD⁺ regeneration to maintain redox balance (20). Phenazines facilitate this process 

by accepting electrons from NADH, restoring the NAD⁺ pool and allowing continued 

metabolic flux (44). Reduced phenazines can be exported from the cell via diffusion or 

active efflux mechanisms; once in the extracellular space, they are reoxidized by 

external electron acceptors and can re-enter the cell to repeat the cycle (45). This 

bidirectional process, known as extracellular electron shuttling, contributes to redox 

homeostasis and sustained ATP production under anaerobic conditions. Such electron 

transfer process effectively supplements fermentative metabolism by regenerating 

NAD⁺, a process conceptually akin to facilitated fermentation (46). 

 

1.1.3 Dule Role of Redox-Active Metabolites in Bacterial Survival 

Redox-active metabolites (RAMs) act as a double-edged sword in bacterial physiology. 

Under anaerobic conditions, they serve as alternative electron acceptors, enabling the 

maintenance of both energy production and redox homeostasis (42). However, due to 

their high redox activity, these molecules can become cytotoxic in the presence of 

oxygen by reacting with molecular oxygen to generate reactive oxygen species (ROS) 

(47). Pyocyanin (PYO), a major phenazine derivative produced by P. aeruginosa, 
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exemplifies this duality (48). In anoxic or hypoxic conditions such as the biofilm core, 

PYO helps maintain redox balance by acting as an extracellular electron shuttle, 

accepting intracellular electrons and ultimately transferring them to oxygen at the 

biofilm surface. (44, 49). Conversely, under oxic conditions, the reduced form of PYO 

readily reacts with oxygen to form superoxide and hydrogen peroxide. These ROS 

cause oxidative damage that can lead to cell death and trigger the release of extracellular 

DNA (eDNA), which contributes to the structural integrity of the biofilm matrix (48, 

49). Importantly, the toxicity of PYO is not limited to aerobic conditions. Even in the 

absence of oxygen, PYO can exert toxic effects, suggesting that the reduced form of 

PYO itself imposes physiological stress independent of ROS generation (48).  

To combat PYO toxicity, P. aeruginosa activates multiple defense mechanisms. These 

include antioxidant systems such as AhpCF and KatB , which detoxify ROS (50, 51); 

efflux pumps such as MexEF-OprN and MexGHI-OpmD, which export PYO from the 

cell (52, 53); and Fe-S cluster biogenesis systems that repair redox-sensitive enzymes 

and restore cellular function (51, 54). These responses not only protect the cell from its 

own toxic metabolites but also confer cross-protection against antibiotics through the 

co-activation of shared defense pathways. In addition to its redox toxicity, pyocyanin 

(PYO) can suppress bacterial bioenergetic states by dissipating membrane potential 

under oxic conditions, thereby promoting antibiotic tolerance (24). These diverse 

effects of PYO underscore its complex role in bacterial survival. In addition to these 

defensive responses, PYO also intersects with quorum sensing networks. Through 

SoxR-mediated induction of MexGHI-OpmD, PYO links efflux activity to the export 

of quinolone signal precursors, thereby facilitating quorum-sensing–dependent 

community behaviors such as biofilm formation and virulence factor production (55). 

Beyond PYO, other endogenous redox-active metabolites (RAMs) exhibit similar 

survival-supporting functions. These include additional phenazine derivatives such as 
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phenazine-1-carboxamide (PCN) and phenazine-1-carboxylic acid (PCA), toxoflavin 

from Burkholderia gladioli and actinorhodin from Streptomyces coelicolor (56-59). 

The widespread occurrence and functional relevance of these metabolites underscore 

the universality of RAMs as critical modulators of bacterial physiology and stress 

adaptation. 

 

1.1.4 Bacterial Survival Strategies for Antibiotic Stress  

Antibiotics remain among the most effective and widely employed interventions 

against bacterial infections. Their extensive use spans clinical practice, animal 

husbandry, agriculture, and environmental management, with far-reaching 

consequences for both human health and global ecosystems (60). However, the 

therapeutic efficacy of antibiotics is increasingly challenged by the rise of antibiotic 

resistance, which hampers the complete eradication of bacterial pathogens (61). 

Several factors contribute to the development of antibiotic resistance. In natural 

environments, bacteria predominantly exist in the form of slow-growing biofilms rather 

than planktonic cells (62). Within these biofilms, the extracellular matrix—composed 

of polysaccharides, extracellular DNA, and proteins—forms a highly adhesive barrier 

that delays or restricts antibiotic penetration (62). Although certain antibiotics, such as 

ciprofloxacin, are capable of diffusing into the biofilm core, the microenvironment 

within is often hypoxic (8, 9). This condition drives cells into a low-power metabolic 

state, thereby reducing the efficacy of antibiotics whose bactericidal activity is tightly 

coupled to active metabolism (15, 63). Even in the oxygen-rich outer layers of the 

biofilm, bacteria deploy defense mechanisms—most notably efflux pumps, which 

actively export antibiotics to prevent intracellular accumulation and reduce cytotoxicity 

(64, 65). Importantly, efflux pump activity is not limited to the biofilm surface; their 

protective roles extend to the hypoxic core, underscoring their critical function across 
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both spatial and physiological gradients (66). Therefore, understanding how bacteria 

modulate their metabolic state and physiological responses to antibiotic stress is 

essential for developing strategies to overcome the limitations of current antibiotic 

therapies. One such regulatory mechanism involves the transcription factor SoxR, 

which modulates efflux pump expression across diverse bacterial species. In 

Escherichia coli, SoxR functions as a classical oxidative stress sensor, activating the 

soxS regulon to induce antioxidant defenses and efflux systems (67). In contrast, 

Pseudomonas aeruginosa and Streptomyces coelicolor utilize SoxR to directly activate 

efflux systems for endogenous redox-active metabolites such as phenazines and 

actinorhodin (55, 68). Interestingly, in Acinetobacter baumannii, SoxR functions as a 

repressor of efflux gene expression, and loss-of-function mutations are associated with 

multidrug resistance (69). These species-specific differences highlight the evolutionary 

flexibility of SoxR in adapting to various ecological and metabolic pressures. Despite 

this mechanistic diversity, SoxR universally influences efflux pump expression, 

reinforcing its importance as a global determinant of adaptive survival and antibiotic 

resistance. 

In addition to SoxR, bacteria rely on global regulatory systems to enter a low-power 

metabolic state under energy-limited conditions. The stringent response, mediated by 

(p)ppGpp, downregulates RNA synthesis, thereby slowing metabolism and promoting 

antibiotic tolerance under nutrient starvation or antibiotic stress (70, 71). The 

stationary-phase sigma factor RpoS (σS) is a key switch that balances bacterial growth 

and survival (72). By competing for RNA polymerase with housekeeping sigma factor 

RpoD (σ70), it represses growth-associated genes while activating stress-response genes, 

thereby shifting the cell into a low-power maintenance metabolic state under adverse 

conditions (72, 73). The cAMP–CRP complex functions as a pivotal positive regulator 

driving the entry of E. coli into the viable but non-culturable state (74). In Pseudomonas 
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aeruginosa, the Fnr-type transcription factor Anr senses oxygen limitation and activates 

genes required for fermentation (e.g., arcDABC and ackA-pta) as well as for anaerobic 

respiration (e.g., narXL) (75). Collectively, these regulatory systems reprogram 

bacterial physiology into a low-power metabolic state that supports survival under 

energy-limited conditions, while ensuring that resistance mechanisms such as efflux 

pumps remain functional even when cellular energy is scarce. 

 

1.2 Motivation 

Bacterial antibiotic resistance poses an escalating threat to public health and the 

environment (see detailed introduction in Section 1.1.4). While numerous studies have 

identified the low-power metabolic state as a major contributor to antibiotic tolerance, 

the mechanisms by which bacteria regulate energy generation and sustain essential 

physiological functions under such energy-limited conditions remain poorly 

understood. 

During the early phase of my doctoral research (described in Chapter 5), I developed a 

culture-free electrochemical enrichment approach using osmium-grafted magnetic 

nanobeads to selectively capture electroactive bacteria from environmental samples 

(Ho et al., Chem. Eng. J. 2023). This study revealed that many naturally occurring 

bacteria sustain their survival through extracellular electron transfer processes and, as 

discussed earlier, predominantly persist in low-metabolic states, highlighting the 

ecological importance of electron transfer–mediated energy maintenance under 

oxygen-limited conditions. Building upon this perspective, my doctoral research 

transitions from population-level enrichment toward single-species physiology, 

employing Pseudomonas aeruginosa as a model system to mechanistically elucidate 
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how redox-active metabolites and efflux systems coordinate electron flow and cellular 

survival under low-energy conditions. 

Phenazines, a representative class of redox-active metabolites (RAMs), are known to 

facilitate extracellular electron transfer and sustain redox homeostasis in the absence of 

oxygen. Because many bacteria exploit RAMs to maintain redox balance and support 

anaerobic respiration, this work not only provides mechanistic insight into phenazine-

mediated metabolic regulation in P. aeruginosa but also contributes to a broader 

understanding of how bacteria adapt their metabolism to persist under energy-deprived 

states. 

 

1.3 Overview 

In Chapter 2, in collaboration with Professor Dianne Newman and Dr. John Ciemniecki 

at Caltech, I combined their expertise in P. aeruginosa physiology with Okamoto’s 

group’s high-throughput electrochemical platform to investigate anaerobic metabolism. 

I confirmed that under anaerobic conditions and in the presence of a sufficient 

concentration of phenazine-1-carboxamide (PCN), which is the most abundant 

phenazine in the inner layers of P. aeruginosa biofilms, cells can maintain survival for 

five days using high-throughput electrochemical platform. Remarkably, the cell-

specific metabolic rate plateaued at approximately at ~3 x 103 e- s-1 cell-1 at 25˚C, 

suggesting a minimum energy requirement for maintenance. Interestingly, above a 

certain PCN concentration, survival remained constant, but metabolic rates did not 

continue to increase with the increase of PCN. This implies that cells may preferentially 

minimize energy expenditure rather than optimize fitness, prompting further 

investigation into the factors that limit or control metabolic rate under these conditions. 

Chapter 3 demonstrates that efflux capacity is the rate-limiting control point of PCN-



 11 

driven redox cycling and reveals efflux pumps as bioenergetic regulators that shape 

both short-term metabolic adaptation and long-term maintenance. Chapter 4 shows that 

membrane permeability is a key determinant of electron-shuttle efficiency, with highly 

permeable RAMs sustaining elevated metabolic rates that influence cellular 

susceptibility to antibiotics. Finally, Chapter 5 applies these mechanistic insights to 

natural microbial communities by developing osmium-grafted magnetic nanobeads 

capable of rapidly enriching environmental bacteria with strong EET capability. 

Together, these studies provide a coherent view of how bacteria leverage redox-active 

metabolites and transport systems to endure extreme energetic scarcity. They also 

introduce methodological advances that broaden our ability to characterize, manipulate, 

and discover electroactive microorganisms across diverse ecological and clinical 

settings. 
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1.4 Figures 

 

Figure 1. Coupling between PMF and the NAD⁺/NADH redox balance under 
respiration and fermentation. 

During respiration (left), NADH generated by the TCA cycle donates electrons to the 
electron transport chain (ETC), where oxygen serves as the terminal electron acceptor. 
Oxidation of NADH regenerates NAD⁺ and drives proton translocation, establishing a 
proton motive force (PMF) that powers ATP synthase to produce ATP. 
In fermentation (right), ATP is produced exclusively through substrate-level 
phosphorylation during glycolysis, where glucose is converted to pyruvate. NAD⁺ is 
regenerated by reducing pyruvate to lactate, enabling glycolysis to continue in the 
absence of an external electron acceptor. 
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Figure 2. Anaerobic metabolic pathways in S. oneidensis MR-1 and P. aeruginosa. 

(A) Anaerobic respiration with extracellular electron transfer (EET). In Shewanella 
species, electrons derived from NADH are funneled through the inner-membrane 
quinone pool (menaquinone) to CymA and periplasmic cytochromes and finally 
transferred via the MtrCAB-OmcA complex to extracellular insoluble acceptors such 
as Fe(III) oxides, enabling direct EET. (B-D) Metabolic pathways in P. aeruginosa, 
adapted from Glasser et al. (20) (B) Glucose oxidation via the Entner–Doudoroff 
pathway. (C) Pyruvate fermentation coupled with phenazine redox cycling regenerates 
NAD⁺ and supports continued ATP synthesis. (D) The arginine deiminase pathway 
produces ATP independently of redox-coupled reactions through arginine catabolism. 
 

A

B C D
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Figure 3. Multifaceted roles of pyocyanin (PYO) in Pseudomonas aeruginosa. 

PYO acts as an extracellular electron shuttle to maintain redox balance, promotes 
biofilm formation, facilitates quorum sensing through SoxR–MexGHI-OpmD–
mediated efflux, and triggers defense responses including antioxidant, efflux, and Fe–
S cluster repair systems. 
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Figure 4. Multiple mechanisms of antibiotic resistance within biofilms. 

Within biofilms, several factors contribute to antibiotic resistance. The extracellular 
matrix, composed of polysaccharides, extracellular DNA, and proteins, acts as a barrier 
that impedes antibiotic penetration. Cells in the biofilm core adopt a low-power 
metabolic state under hypoxic conditions, reducing the efficacy of metabolism-
dependent antibiotics. In both the outer layers and the hypoxic core, bacteria employ 
efflux pumps to actively export antibiotics, preventing intracellular accumulation and 
enhancing survival. 
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Chapter 2  Measurement of Phenazine-1-carboxamide-Mediated 

Maintenance Metabolism Using High-Throughput 

Electrochemical System 

Author Contributions and Publication Note 

The work presented in this chapter was conducted as part of a collaborative study with 

Dr. John Ciemniecki and colleagues. My contributions included performing high-

throughput electrochemical assays using a 96-well potentiostat platform to quantify 

phenazine-1-carboxamide (PCN)-mediated extracellular electron transfer and assess 

cell survival under anaerobic conditions. I also integrated total charge measurements to 

support the calculation of PCN oxidation rate and cell-specific metabolic rates. In 

addition, I conducted scanning electron microscopy (SEM) to evaluate electrode 

colonization and carried out cell concentration experiments to examine the impact of 

biomass on redox cycling efficiency.  

 

Portions of this work have been published in: 

Ciemniecki, J. A., Ho, C. L., Horak, R. D., Okamoto, A., & Newman, D. K. (2024). 

Mechanistic study of a low-power bacterial maintenance state using high-throughput 

electrochemistry. Cell, 187(24), 6882-6895.  

https://doi.org/10.1016/j.cell.2024.09.042 
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2.1 Introduction 

While cells in natural and clinical settings often reside in metabolically attenuated 

states—such as the hypoxic core of biofilms—how much energy required for 

maintaining viability without growth are still not well defined. Traditional estimates of 

“maintenance metabolism” rely on extrapolations from slow-growing continuous 

culture studies (1-3), which tend to significantly overstate the actual metabolic needs 

of non-growing cells. Moreover, metabolic rate estimates derived from environmental 

measurements often depend on indirect assumptions about cell activity and population 

structure, making direct quantification difficult (4). To address this, robust laboratory 

models that enable precise measurement of metabolic activity under near-zero growth 

are urgently needed. 

Pseudomonas aeruginosa produces phenazines such as pyocyanin, phenazine-1-

carboxylic acid, and phenazine-1-carboxamide (PCN), which are redox-active 

metabolites that function as extracellular electron shuttles, facilitating anaerobic 

survival metabolism (5, 6). This non-growth metabolic state supports cell viability by 

enabling substrate-level phosphorylation and limited ATP generation (6). Because this 

process requires redox balancing through the reduction of exogenous oxidants, it is 

referred to as facilitated fermentation (7). Given that the phenazine-mediated anaerobic 

survival mechanism supports viability in the absence of growth, we hypothesized that 

its rate may reflect the minimal metabolic flux required for cellular maintenance under 

energy-limited conditions. Accordingly, we used this mechanism as a quantitative 

framework to measure the metabolic flux that powers maintenance metabolism. Among 

these phenazines, PCN is the most abundant in the anoxic interior of biofilms and 

possesses the lowest redox potential, making it an ideal candidate for probing the lower 

bounds of bacterial metabolic activity (8, 9). 
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My collaborator, Dr. John Ciemniecki, used pulse-chase labeling with the fluorescent 

cell wall stain 7-hydroxycoumarincarbonylamino-D-alanine (HADA) (10) to show that 

cells remain metabolically active without undergoing division or death, distinguishing 

this condition from slow growth and defining it as a maintenance state. 

Building on this observation, experiments using low-throughput electrochemical 

systems confirmed that PCN-mediated extracellular electron transfer (EET) supports 

non-growth survival under anaerobic conditions. The metabolic rate (1.6 x 103 e- s-1 

cell-1 at 25˚C) measured under these conditions falls well below the average basal 

metabolic rate reported across all life forms, confirming that facilitated fermentation 

enables P. aeruginosa to sustain viability in an exceptionally low-power state. 

Based on these findings, we sought to quantitatively define the metabolic rate required 

to maintain this state and to determine whether cells operate near their minimum energy 

threshold. In this chapter, I utilized a high-throughput 96-well electrochemical system 

to measure PCN-mediated metabolic activity across a wide concentration range. By 

integrating current production over time and normalizing to viable cell counts, I 

calculated the cell-specific metabolic rate required to support anaerobic maintenance. 

These experiments revealed that PCN cycling enables P. aeruginosa to survive at one 

of the lowest known metabolic rates. This work not only established a quantitative 

framework for analyzing low-power metabolism, but also provided a platform for 

future mechanistic studies of survival under energy-limited conditions. 
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2.2 Results  

2.2.1 Leveraging a high-throughput electrochemical platform facilitates 

systematic investigation of non-growth metabolism. 

In all experiments, a ∆phz strain incapable of endogenous phenazine production was 

used, allowing precise control over PCN concentration and eliminated confounding 

effects from endogenous phenazine production (5). To overcome the low-throughput 

nature and operational complexity from large-scale electrochemical reactors, we 

adopted a 96-well electrochemical platform (11), which enables parallel, independent 

potentiostatic measurements with streamlined operation (Figure 1A). The increased 

throughput of the 96-well format allowed us to test a wider range of PCN concentrations 

(Figure 1B). To assess whether PCN-dependent anaerobic survival assays could be 

reliably translated from the large reactor to the high-throughput format, we directly 

compared survival outcomes under matched conditions. The current profile and 

survival data from the large reactor were reported in the main paper and are therefore 

not shown in this chapter. Cells in the 96-well platform exhibited significantly 

enhanced survival in the presence of PCN (Figure 1C). However, we observed that cells 

in the high-throughput setup died more rapidly after day 5 regardless of PCN 

concentration, whereas survival in the large reactor was maintained until day 7. 

Consequently, all experiments using the 96-well platform were terminated at this time 

point. Although the absolute survival at 75 µM PCN was approximately two-fold lower 

in the high-throughput system compared to the large reactor, the difference amounted 

to less than a one-log reduction in viability. These results suggest that the miniaturized 

platform reliably reproduces the core physiological outcomes of PCN-mediated 

anaerobic survival and can serve as a robust alternative for quantifying maintenance 

metabolism across broader experimental conditions. 
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2.2.2 Attenuation of Cellular PCN Reduction Reveals a Metabolic Plateau Near 

the Maintenance Threshold 

To assess how PCN concentration influences metabolic output, we first integrated 

current from days 1 to 5, after the initial spike had stabilized and averaged it overtime 

to obtain electron flux (electrons sec-1). We found that the PCN-mediated electron flux 

plateaued at concentrations above 75 µM (Figure 2A), raising the question: what factor 

limits redox cycling at higher substrate availability? One possible explanation was the 

formation of a biofilm on the electrode surface, which could impede the diffusion of 

reduced PCN to the electrode. However, scanning electron microscopy revealed only a 

sparse monolayer of cells and no substantial biofilm formation, ruling out electrode 

fouling as the limiting factor (Figure 3A). To further test whether the limitation 

originated from the cells themselves, ∆phz cells from multiple replicate wells incubated 

with 375 µM PCN were pooled, pelleted, and resuspended in a small volume of 

supernatant collected from parallel wells under identical conditions. The resulting 

concentrated suspension was then added to wells already containing ∆phz cells and 

375 µM PCN, thereby approximately doubling the total cell concentration. This 

intervention resulted in a sustained 1.5-fold increase in current over 12 hours (Figure 

3B), confirming that the electrode was not rate-limiting. These results suggest that the 

observed plateau in redox activity is attributable to a cellular limitation in PCN 

reduction capacity under prolonged anaerobic conditions. 

We then normalized PCN-mediated electron flux to the geometric mean of viable cell 

counts as the cell-specific metabolic rate (e– s–1cell–1) (Figure 2B). Notably, the 

measured rate remained steady at ~3.0 × 10³ e⁻ s⁻¹ cell⁻¹ at 25 °C (95% CI: 1.6–5.4 

× 10³), closely matching values observed in the large reactor system, suggesting that 

PCN-facilitated fermentation supports the minimal energy required for maintenance 
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metabolism. Because PCN concentration limit survival below 75 µM, this consistent 

metabolic rate suggests that PCN availability governs survival by controlling access to 

maintenance-level energy flux. Thus, we conclude that culturable cells are operating 

near their minimum energy threshold for anaerobic maintenance under these conditions. 

 

2.3 Discussion 

Bacteria are capable of long-term survival in energy-limited states caused by nutrient 

or oxygen scarcity, without undergoing growth (12, 13). Such low-energy states are not 

only characteristic of most natural microbial habitats but also represent a dominant 

physiological condition in chronic infection settings (14, 15). A detailed understanding 

of the molecular strategies that enable viability during low-power metabolic states 

remains critical for improving strategies to treat persistent infections. However, 

technical limitations have long impeded efforts to study this physiological state 

systematically. 

In this work, we demonstrated that a 96-well electrochemical system overcomes 

previous limitations by enabling direct, parallel measurements of P. aeruginosa 

metabolic activity under energy-limited, anaerobic conditions across multiple 

experimental parameters. Using PCN as a redox-active molecule that facilitated EET, 

we calculated the metabolic rate by integrating the electrochemical current and 

normalizing to viable cell counts. Our measurements revealed that PCN-driven 

metabolism sustains cells at an exceptionally low power output—approximately 1,000-

fold lower than that of actively growing cells, and roughly 10-fold slower than the 

average basal metabolic rate across all life forms, based on lab-measured microbial 

rates compiled by Hoehler et al (3). While we observed exceptionally low metabolic 

rates, these may not represent the absolute minimum required for survival. Because the 
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conditions tested in this study were relatively uniform—such as fixed buffer 

composition, temperature, and pH—as well as potential influences from genetic factors, 

further investigations will be necessary to determine how environmental and genetic 

variables shape or constrain the lower limits of maintenance metabolism. 

In addition, our data indicate that under maintenance state, the cellular capacity to 

reduce PCN becomes saturated, particularly at higher PCN concentrations. This 

observation challenges the prevailing notion that bacteria always maximize metabolic 

output to optimize fitness. The physiological basis of this downshift in electron flux 

remains to be elucidated, especially given that the tested PCN concentrations fall within 

the physiological range found in the anoxic cores of P. aeruginosa biofilms (8). 

Although the high-throughput electrochemical system enables quantitative analysis of 

P. aeruginosa metabolism under a maintenance state, this anaerobic survival state is 

not indefinitely stable. In our experiments, cell viability began to decline after day 5, 

and the overall survival rate was lower than that observed in the large-scale reactor. 

These findings suggest that cells were operating within a quasi-steady state rather than 

a truly stable maintenance phase. Moreover, the system models planktonic cells rather 

than the biofilm-associated lifestyle that predominates in natural and clinical 

environments. While stationary-phase planktonic cells may exhibit metabolic traits 

reminiscent of biofilm-associated populations (5, 16), important physiological 

distinctions between the two states remain (17). Thus, this platform may not fully 

recapitulate the maintenance state that occurs in vivo. Nevertheless, compared to 

conventional laboratory cultivation systems—such as chemostats or batch cultures with 

slow growth—the physiological state captured here more closely resembles the energy-

limited survival modes observed in nature. 

Together, our results highlight the value of a high-throughput electrochemical platform 

for probing the physiological limits of bacterial survival under energy-limited, 
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anaerobic conditions. By quantifying phenazine-mediated electron transfer rates at the 

single-cell level, we established that P. aeruginosa can sustain viability at one of the 

lowest metabolic rates ever measured. Although this system represents a simplified, 

planktonic model that may not fully capture the complexity of biofilm-associated 

maintenance states, it nevertheless provides a scalable and tractable framework for 

future investigations into non-growth metabolism.  

2.4 Methods and materials 

Anaerobic survival assay using 96-well electrochemical potentiostat 

Starter cultures were harvested by centrifugation and washed twice with minimal 

medium (MM), which consisted of 100 mM MOPS buffer (pH 7.2, adjusted with 5 N 

NaOH), 43 mM NaCl, 93 mM NH4Cl, 3.7 mM KH2PO4, and 1 mM MgSO4. The cells 

were then resuspended to an OD₆₀₀ of 75 and transferred into a Coy anaerobic chamber 

maintained at 33 °C under a hydrogen-rich atmosphere (2–3% H₂). 

A custom 96-well electrochemical plate equipped with screen-printed electrodes—

comprising a carbon working electrode, carbon counter electrode, and an Ag/AgCl 

reference electrode—was prepared (11). Each well received 10 µL of the cell 

suspension (diluted beforehand to OD500 = 15 using N2-sparged MM) along with 

190 µL of fresh N₂-sparged MM supplemented with 20 mM D-glucose, 3.6 µM FeSO4, 

and PCN at final concentrations of 7.5, 37.5, 75, or 375 µM (dissolved in 2.5% DMSO). 

To prevent evaporation during incubation, the plate was sealed with a combination of 

a slit-seal cover (BioChromato, RSS-S96-10-S) and an aluminum adhesive film 

(DiversifiedBiotech, ALUM-1000). Electrochemical incubation was performed at 

33 °C without shaking using a custom-built 96-channel potentiostat, with each well’s 

working electrode poised at 0 mV versus Ag/AgCl. 
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Sampling was carried out on days 1, 3, and 5. At each time point, the aluminum seal 

was removed, and the cultures in each well were gently mixed by pipetting 150 µL at 

least ten times. A 10 µL aliquot was then withdrawn from each well for colony-forming 

unit (CFU) quantification. After sampling, wells were resealed with fresh aluminum 

films and returned to the potentiostat for continued incubation. All plasticware used 

inside the anaerobic chamber was pre-degassed for a minimum of three days prior to 

the experiment. 

 

Colony Forming Unit (CFU) Assay 

Cell suspensions were serially diluted in phosphate-buffered saline (PBS) prior to 

plating. Dilution series were prepared to span 5 to 6 orders of magnitude, and 5 µL 

aliquots from each dilution were spotted onto LB agar plates. Plates were incubated 

overnight at 37 °C to allow colony development. For quantification, the highest dilution 

spot yielding at least 10 colonies was selected. All procedures—including dilution, 

plating, and incubation—were conducted under aerobic conditions. 

 

Scanning Electron Microscopy (SEM) Sample Preparation  

To assess potential biofilm formation on electrode surfaces under varying phenazine 

concentrations, SEM samples were prepared following the procedure below. 

Electrochemical experiments were first conducted under anaerobic conditions using a 

96-well potentiostat system, with PCN supplied at final concentrations of 0, 7.5, 75, 

375, and 750 µM. Cells were incubated for 2 days without agitation. After incubation, 

each well was pipetted 30 times to dislodge loosely associated cells, and the resulting 

suspensions were collected. To fix the cells, each sample was mixed with 2.5% 

glutaraldehyde (prepared from 25% stock; Wako, Japan) in 0.1 M phosphate-buffered 

saline (PBS) and allowed to stand at 25 °C for 10 minutes. After fixation, 
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glutaraldehyde was gently removed, and samples were rinsed three times with 0.1 M 

PBS without pipetting.  

Samples were then dehydrated using an ethanol gradient (25%, 50%, 75%, and 99.5%), 

with each step lasting 5 minutes. The dehydrated samples were subsequently treated 

twice with 100% tert-butanol (Wako, Japan) for 5 minutes each. The screen-printed 

electrode plates were disassembled, and individual electrodes were transferred into 

35 mm cell culture dishes containing 100% tert-butanol, followed by vacuum freeze-

drying at 0 °C for 2 days. Dried samples were sputter-coated with platinum under 

vacuum for 30 seconds, mounted onto SEM stubs using carbon tape, and imaged using 

a Keyence VE-9800 scanning electron microscope (Keyence, Osaka, Japan) at 10 or 

20 kV accelerating voltage. 

 

Calculation of Cell-Specific Metabolic Rate  

Metabolic rates were calculated following the approach described by Dr. John 

Ciemniecki (ref). To estimate the average PCN reduction rate using the 96-well 

electrochemical platform, transient current fluctuations were identified and excluded. 

Specifically, a 3-hour period following each removal and reinsertion of the plate into 

the potentiostat was omitted, as these intervals exhibited sharp, non-biological current 

spikes. The remaining stable current data between day 1 and day 5 were integrated to 

yield total charge (nA*hr), which was subsequently converted to the number of 

electrons transferred using standard conversion factors. This value was then normalized 

to the effective measurement duration (90 hours) and to the geometric mean of viable 

cell counts (CFU per 0.2 mL) over the same period, resulting in cell-specific metabolic 

rates expressed in units of electrons per second per cell (e– s–1cell–1). 
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2.5 Figures 

 

Figure 1. A high-throughput electrochemical platform enables multiplexed 
measurement of phenazine-dependent anaerobic survival.  

(A) Schematic of the 96-well potentiostat system used in this study. Each well contains 
an independent working electrode (WE), counter electrode (CE), and reference 
electrode (RE). Conductive pads on the plate bottom align with potentiostat pins to 
establish electrical contact. (B) Anaerobic survival of the ∆phz strain grown in glucose 
minimal medium supplemented with varying concentrations of PCN, in the presence of 
an applied oxidizing potential. (C) Average current produced by ∆phz cultures over 5 
days of anaerobic electrochemical incubation. Data represent the mean of five 
biological replicates. 
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Figure 2. Metabolic Attenuation of PCN Reduction Highlights a Threshold Near 
the Energy Minimum for Survival.  

(A) The average PCN oxidation rate at the working electrode surface was calculated 
during days 1–5 of anaerobic electrochemical incubation with ∆phz cells. Data 
represent the mean values from at least four biological replicates, with error bars 
indicating the 95% confidence interval. (B) Cell-specific metabolic rates of ∆phz cells 
were calculated over days 1–5 across a range of PCN concentrations. Each data point 
represents current normalized to the geometric mean of CFU counts from at least four 
biological replicates, with error bars indicating the standard deviation. 
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Figure 3. Evidence that the electrode is not limiting current at high PCN 
concentrations.  

(A) Scanning electron microscopy images of the working electrode surface after 2 days 
of anaerobic electrochemical incubation with ∆phz cells across a range of PCN 
concentrations. (B) Average current produced by ∆phz cells in the presence of 375 µM 
PCN. Inset: on day 5, cells from replicate wells were pooled, concentrated, and added 
to the wells to approximately double the cell density. A corresponding increase in 
current was observed. Shaded areas represent 95% confidence intervals across four 
biological replicates. 

A 

B 
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Chapter 3  Efflux pump activity limits metabolism during an 

anaerobic maintenance state powered by phenazines redox 

cycling 

 

3.1 Introduction 

Multidrug efflux pumps are widely regarded as a key mechanism of bacterial antibiotic 

resistance, actively exporting toxic compounds and thereby promoting survival in 

metabolically active cells (1, 2). While much of our current understanding stems from 

studies conducted under nutrient- and oxygen-rich conditions that support robust 

energy generation (3, 4), many natural environments with nutrient or oxygen 

limitation—such as biofilm interiors, sediments, or chronic infection sites —are 

characterized by energy-limited conditions (5-8). In these settings, cells often enter a 

low-energy maintenance state, in which metabolic activity, proton motive force (PMF), 

and ATP synthesis are markedly reduced, leaving cells in a non-growing but 

physiologically active state (9). 	

Resistance-Nodulation-Division (RND) type efflux pumps are PMF-driven and thus 

impose an energetic cost on cells (10, 11). One might therefore expect that, in energy-

limited states already associated with drug tolerance (12, 13), bacteria would have little 

need—or capacity—to sustain costly efflux. Yet multiple lines of evidence indicate that 

efflux remains important in energy-limited conditions, including facilitating adaptation 

to metabolic stress and stabilizing biofilm physiology (14). This tension raises a key 

question: under energy limitation, is efflux primarily a detoxification valve, or can it 

also serve as a bioenergetic control point that shapes antibiotic responses? 

Growing evidence links efflux directly to redox cycling by exporting exogenous or 

endogenous electron shuttles (ES) (15, 16) . ES enter cells, are reduced by intracellular 



 39 

metabolism (for example via NADH-dependent reactions (17)), and are subsequently 

re-oxidized at extracellular electron acceptors; by cycling between these reduced and 

oxidized states, they mediate anaerobic electron transfer and support respiration-

coupled ATP generation. Deleting efflux components reduces ES export across diverse 

bacterial species (15, 18), and recent work in E. coli suggests that AcrAB–TolC can 

become a rate-limiting step for respiration under anaerobic conditions (refs). These 

observations motivate the hypothesis that, beyond detoxification, efflux governs ES-

mediated redox cycling to maintain metabolic activity in energy-limited states. 

To test this hypothesis in a clinically relevant context, we leveraged a high-throughput 

electrochemical platform that quantifies metabolic flux in non-growing Pseudomonas 

aeruginosa under a defined maintenance state (9). P. aeruginosa produces 

phenazines—redox-active metabolites that support EET and viability in energy-limited 

environments (13). Among phenazines, phenazine-1-carboxamide (PCN) accumulates 

at high concentrations within the biofilm matrix, providing a tractable probe of 

maintenance metabolism (16, 17). In our assay, the measured current reports the net 

rate of electron-shuttle (ES) turnover, while varying PCN concentration shifts rate 

control between ES kinetics and upstream cellular metabolism that provides reducing 

equivalents such as NADH (17). This relationship allows us to identify the role of efflux 

in ES turnover and to track how efflux reshapes metabolic activity under a low-energy 

maintenance state .  

Here, we evaluated the role of RND-type efflux pumps in non-growing P. 

aeruginosa by genetically increasing efflux capacity (e.g., MexEF–OprN, MexGHI–

OpmD, both implicated in phenazine export (3, 18) and modulate shuttle availability to 

determine how efflux controls ES and metabolism in maintenance physiology. We 

quantified how efflux overexpression alters drug tolerance in a low-energy 

maintenance state, and we resolved its impact on electron shuttling, cellular metabolic 
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activity, and membrane energetics by varying PCN concentration and measuring PMF-

linked readouts—membrane potential. In addition, our results reveal that efflux-driven 

export of ESs couples directly to metabolic compensation under energy limitation, 

thereby regulating antibiotic susceptibility in ways not captured under energy-replete 

conditions. This work links microbial bioenergetics to antimicrobial response and 

identifies energy-dependent export as a lever to modulate drug susceptibility in biofilms. 

 

3.2 Results 

3.2.1 Adaptation and maintenance phases reveal distinct metabolic controls in 

anaerobic PCN-mediated metabolism. 

We revisited the previously reported biphasic relationship between PCN 

concentration and current output (9). In this assay, a maintenance physiology was 

established in Pseudomonas aeruginosa PA14 by incubating cells anaerobically at a 

poised electrode (0 V vs. Ag/AgCl) with glucose. Current and survival were measured 

after 5 days across a range of PCN concentrations using a phenazine-deficient mutant 

(Δphz), which enables defined PCN supplementation (19, 20). Because PCN-driven 

redox cycling spans two physiologically distinct regimes from the adaptation (day 0–1) 

to maintenance (day 1–5) phases, we analyzed the two phases separately (Figure 1A). 

Consistent with prior work, current increased proportionally with PCN in the low-

concentration regime (< ~75 µM) but approached a plateau at higher concentrations 

(Figure 1B). This biphasic pattern was observed in both adaptation and maintenance 

states. However, when current was normalized by the geometric mean survival to obtain 

the cell-specific metabolic rate (electrons s⁻¹ cell⁻¹), the two phases diverged (Figure 

1C-D). During adaptation, the cell-specific metabolic rate remained the curve similar 

with current output, preserving the kinetic response to increasing PCN in the low-
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concentration regime. In contrast, during maintenance, the metabolic rate became 

independent of PCN concentration, indicating that long-term anaerobic metabolism is 

constrained not by substrate availability but by the energetic demands of survival under 

low-energy conditions. In this regime, the key question shifts from substrate-driven 

kinetics to how baseline maintenance metabolism is sustained over long-term anaerobic 

survival. Because efflux pumps can contribute both to phenazine export (18, 21) and to 

cellular energy expenditure (10, 22), their impact is expected to differ across these 

physiological states. Therefore, separating these phases is necessary to test whether 

efflux pumps act as kinetic determinants of PCN redox cycling and whether they 

instead impose energetic liabilities that influence long-term survival. 

 

3.2.2 Efflux pumps coupled with the metabolic activity at high PCN concentration 

under adaption phase 

To test whether efflux pump activity contributes to metabolism during the 

adaptation phase, we first compared the phenazine-deficient strain (Δphz) with 

∆phz∆mexS, in which loss of mexS upregulates the MexEF–OprN RND efflux system 

(Figure 2A) (3, 23, 24). We hypothesized that if efflux pump activity constitutes a rate-

limiting step for PCN-driven metabolism during the adaptation phase, then the ΔmexS 

mutation should increase the cell-specific metabolic rate. Current production of 

ΔphzΔmexS was identical to Δphz across 3.75–75 µM PCN, a range in which the 

concentration–response relationship remained linear (Figure 2B). This indicates that 

increased efflux pump activity does not influence metabolism when metabolic flux is 

still proportional to substrate availability. However, at higher PCN concentrations 

(150–375 µM), where current approaches a plateau, ΔphzΔmexS exhibited a gradual 

increase in current relative to Δphz (Figure 2B). Although the response was not linear, 

this enhancement suggests that under plateau conditions—when the system is no longer 
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substrate-limited—efflux capacity begins to constrain metabolism and may therefore 

become a potentially rate-limiting factor during the adaptation phase at high PCN 

concentrations. 

To further verify the contribution of efflux pump to enhance metabolic activity at 

high PCN concentrations, we used a ∆phz attTn7::Para:mexGHI-opmD GmR strain 

(hereafter referred to as the ∆phz Para:mexGHI strain), in which the mexGHI-opmD 

operon is inducible by arabinose. Induction was performed at 375 µM PCN, a 

concentration at which efflux-dependent effects are expected to be most apparent. 

Exposure of the ∆phz Para:mexGHI strain to 20 mM arabinose resulted in a current 

increase comparable to that observed for the ∆phz∆mexS mutant (Figure 2C). This 

inducible system allowed us to isolate pump-specific effects from the broader 

regulatory changes in the mexS mutant. Increasing arabinose concentrations led to 

elevated mexG expression levels, confirming tunable control of efflux pump expression 

(Figure 2D). After verifying that arabinose addition alone did not significantly affect 

cell survival (Figure. S1A) and current production in the ∆phz background (Figure. 

S1B), we plotted mexG expression levels against current in the inducible strain (Figure 

2E). This analysis revealed a strong positive linear correlation, indicating that efflux 

pump expression directly influences metabolic activity. To exclude the possibility that 

enhanced current resulted from the metabolic burden of protein overexpression, we 

tested the ∆phz AttB::mNeonGreen strain, which strongly expresses a fluorescent 

reporter (Figure 2C). Current output in this strain remained comparable to ∆phz, 

indicating that enhanced metabolic activity is specifically due to efflux pump activity 

rather than protein overexpression.  
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3.2.3 The Energetic Cost of Maintaining PMF Shapes Baseline Metabolism 

During the Maintenance State 

Efflux pumps are known to impose a metabolic burden by consuming the proton motive 

force (PMF) (10, 11). We therefore hypothesized that efflux pump overexpression may 

further elevate metabolic rate during the maintenance phase by increasing PMF 

consumption (Figure 3A). To test this, we quantified the cell-specific metabolic rate of 

∆phz and ∆phz∆mexS strains by normalizing current output to CFU counts from days 

1–5 in PCN-mediated anaerobic survival assays. Although total current production was 

similar between the two strains at PCN concentration of 7.5 µM to 375 µM (Figure 3B), 

the markedly lower survival of ∆phz∆mexS by day 5 resulted in a significantly higher 

cell-specific metabolic rate (Figure 3C). At 375 µM PCN, ∆phz∆mexS exhibited a 

metabolic rate of 1.3 × 104 electrons s-1 cell-1 at 25 ˚C (95% CI: 1.1 × 104 to 1.4 × 104), 

which was 3.3-fold higher than that of ∆phz (3.9 × 103 electrons s-1 cell-1; 95% CI: 3.6 

× 103 to 4.2 × 103) (Figure 3D). These data are consistent with the interpretation that 

elevated PMF consumption in the mexS mutant increases the energetic demand of 

maintenance metabolism, requiring cells to accelerate electron flux to compensate for 

heightened PMF dissipation. 

To investigate whether the increased metabolic rate arises as a compensatory response 

to PMF dissipation, we treated cells with the protonophore CCCP (50 µM) on day 1 of 

the anaerobic survival assay. Although overall cell survival was one to two magnitudes 

reduced following CCCP treatment, current production only slightly lower from days 

1 to 5 (Figure 3B-C). As shown in Figure. S2A, this sustained current was only 

observed in the presence of cells, indicating that it reflects ongoing metabolism rather 

than abiotic factors, even under the energetic stress of PMF dissipation. Metabolic rate 

analysis revealed that ∆phz treated with CCCP exhibited a rate of 1.3 × 105 electrons s-

1 cell-1 at 25 ˚C (95% CI: 1.0 × 105 to 1.6 × 105), representing a 34-fold increase 



 44 

compared to untreated ∆phz (Figure 3D). To further assess intracellular energy levels, 

we quantified ATP concentration after 5 days of incubation (Figure. S2B). We found 

that ATP levels in ∆phz treated with CCCP and in ∆phz∆mexS were 1.8 × 10-9 and 5.6 

× 10-10 nmol cell-1, respectively representing 4.7-fold and 1.5-fold increases relative to 

untreated ∆phz (3.8 × 10-10 nmol cell-1). These findings indicate that PMF dissipation 

imposes a higher energetic burden, forcing cells to elevate their baseline metabolism 

during the maintenance state to compensate. 

To ensure that CFU counts accurately reflected viable cell numbers without 

interference from viable but non-culturable (VBNC) cells, we performed fluorescence-

based viability staining using SYTO 9 and propidium iodide (PI) on day 5 (25). Live 

cells were defined as those showing green fluorescence (SYTO 9), while dead cells 

showed red or overlapping green and red fluorescence (PI) (Figure. S3A). We 

quantified the ratio of live cells (green) to total cells (green + red) and found that this 

ratio closely matched the CFU-based survival measurements (Figure. S3B-C), 

indicating that the contribution of VBNC cells was minimal in our system, and that 

CFU counts reliably reflected true survival.  

To further confirm the restoration of the proton motive force (PMF), we measured 

the membrane potential (ΔΨ) in ∆phz, ∆phz∆mexS, and ∆phz treated with CCCP using 

the fluorescent dye 3,3′-diethyloxacarbocyanine iodide (DiOC₂(3)) (Figure 3E). This 

dye accumulates in cells in a ΔΨ-dependent manner, emitting green fluorescence at low 

concentrations. When ΔΨ is high, DiOC₂(3) aggregates and shifts to red fluorescence. 

Thus, the ratio of red to green fluorescence serves as a semi-quantitative indicator of 

membrane potential, providing a basis for comparing ΔΨ across different conditions 

(26). At near-neutral extracellular pH, where intracellular pH is expected to be near 

neutral, ΔpH contributes minimally to the PMF, which is therefore dominated by ΔΨ 

(27, 28). PMF (∆p) can be expressed as: 
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∆p = ΔΨ – (2.303 × RT / F) × ΔpH 

where ΔΨ is the membrane potential, R is the gas constant, T is the absolute temperature, 

and F is the Faraday constant. 

To ensure that the DiOC₂(3) assay reliably reflects changes in ΔΨ in our system, 

we included valinomycin treatment as a control. Valinomycin, a potassium ionophore 

known to hyperpolarize the membrane by promoting K⁺ efflux (29, 30), produced the 

expected increase in red fluorescence, confirming that the DiOC₂(3) signal 

quantitatively reports ΔΨ dynamics under our experimental conditions (Figure 3F). 

Importantly, membrane potential could still be further increased by valinomycin even 

after 5 days of incubation, indicating that this method remains applicable for monitoring 

ΔΨ under a prolonged low-energy maintenance state. When CCCP was added on day 

1, the ΔΨ was slightly lower than that of ∆phz (Figure 3F). This reduced membrane 

potential was maintained until day 2 but began to recover by day 3, with ΔΨ even 

exceeding that of ∆phz, without signs of significant cell death as assessed by TODi-3 

staining, which labels dead cells with red fluorescence (Figure. S4). By day 5, a further 

increase in ΔΨ was observed in the CCCP-treated ∆phz. However, the concomitant rise 

in TODi-3 fluorescence at this time point suggests that part of the DiOC₂(3) signal may 

originate from dye accumulation in dead cells, potentially leading to overestimation of 

ΔΨ. The ∆phz∆mexS strain also showed a slightly lower ΔΨ than ∆phz on day 1, but 

recovered to similar levels after day 2 (Figure 3F). Notably, the distribution of ΔΨ 

values was getting broader in ∆phz∆mexS and the CCCP-treated ∆phz after day 2, 

indicating greater heterogeneity in PMF across the population. These results suggest 

that the PMF is gradually restored over time in both ∆phz∆mexS and CCCP-treated 

∆phz. This further supports the conclusion that both efflux pump overexpression and 

PMF dissipation can induce a compensatory increase in metabolic rate and ATP 
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production under energy-limited conditions, underscoring the importance of 

maintaining PMF for survival during a low-energy maintenance state.  

 

3.2.4 Efflux pump overexpression do not increase antibiotic resistance under a 

low-energy maintenance state. 

Although efflux pump overexpression can enhance antibiotic resistance under 

aerobic, energy-replete conditions, it also imposes a higher metabolic cost by increasing 

PMF consumption. In low-energy maintenance states, where metabolic activity is 

strongly reduced, we hypothesized that cells cannot generate sufficient energy to 

support the elevated PMF demand required for accelerated antibiotic efflux, and 

therefore fail to gain increased antibiotic resistance. To test this idea, cells were 

subjected to antibiotic challenge after 5 days of anaerobic incubation at a biofilm-

relevant PCN concentration (375 µM) (Figure 4A) (20). We compared WT, ∆phz, and 

∆phz∆mexS strains. Under maintenance conditions, survival did not differ significantly 

between WT and Δphz across drugs (Figure 4B), consistent with prior reports (9). By 

contrast, ∆phz∆mexS showed lower baseline survival even without antibiotics, yet 

exhibited no further decrease upon exposure to ciprofloxacin, tobramycin, gentamicin, 

or ceftazidime relative to ∆phz (Figure 4B). Because MexS loss constitutively activates 

MexEF-OprN, which increases PMF consumption through elevated efflux activity, the 

reduced survival is likely attributable to this additional metabolic burden. 

Complementation modestly increased sensitivity relative to ΔphzΔmexS, a difference 

plausibly attributable to plasmid maintenance costs; we therefore interpret the 

complementation phenotype conservatively (31) (Figure. S5). However, 

complementation of mexS under rhamnose induction restored resistance with the 

addition of ciprofloxacin, indicating that the decreased survival resulted from loss of 

mexS function rather than from unrelated background mutations or nonspecific effects. 



 47 

These results demonstrate that efflux overexpression lose their advantage by enhancing 

antibiotic resistance in the maintenance state. 

To distinguish energetic effects from substrate competition between antibiotics and 

PCN, we repeated assays under aerobic, energy-replete conditions. In an aerobic 

condition, ∆phz∆mexS showed higher survival than ∆phz with ciprofloxacin but no 

advantage with aminoglycosides, matching canonical substrate specificity—MexEF–

OprN exports fluoroquinolones but not aminoglycosides, which are primarily handled 

by MexXY–OprM (23, 32-34). Notably, we observed no significant reduction in 

survival following ceftazidime treatment under aerobic conditions, consistent with 

prior reports indicating that β-lactam antibiotics exert minimal bactericidal effects on 

stationary-phase cells due to halted cell-wall synthesis (35, 36). To determine whether 

the elevated metabolic rate of the mexS mutant is specific to PCN redox cycling or 

instead reflects a general, PCN-independent energetic burden, we measured oxygen 

consumption under aerobic conditions. ΔphzΔmexS displayed a higher cell-specific 

respiratory rate than Δphz even in the absence of PCN (Figure 4C, S6), indicating that 

efflux pump overexpression may enhance metabolism by imposing a basal proton 

influx, in agreement with previous studies (10, 11). Under aerobic, energy-replete 

conditions, this higher metabolic demand does not reduce survival. Instead, antibiotic 

resistance remains determined by efflux substrate specificity because ATP and PMF 

can be readily regenerated. In contrast, under anaerobic maintenance conditions—

where energy supply is strongly limited—the basal energetic burden becomes 

detrimental, resulting in reduced survival. Together, these data indicate that in energy-

replete settings, resistance is governed by efflux efficiency and substrate specificity, 

whereas in the low-energy maintenance state, efflux no longer regulates resistance and 

instead, differences in efflux activity mainly affect cells through their metabolic costs, 

which strongly shape survival outcomes. 
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3.3 Discussion 

Efflux Pumps Function as Bioenergetic Regulators in a Low-Energy State 

Low-energy metabolism in Pseudomonas aeruginosa is central to biofilm persistence 

and chronic infection (37, 38), yet the decisive control point that limits metabolic 

throughput has remained unclear. Here we identify multidrug efflux as that control 

point. By systematically varying PCN concentration and using current as a quantitative 

proxy for PCN-mediated metabolism (Figure. 2 and 3), we demonstrate that efflux 

pump activity constitutes the bottleneck that sets the pace of both adaptation and 

maintenance metabolism. Two lines of evidence support this conclusion. First, 

overexpressing efflux pumps (MexEF-OpmD or MexGHI–OpmD) increased the cell-

specific metabolic rate (as read out by current) during the adaptation phase, and this 

increase scaled positively with inducer level, establishing a direct, quantitative link 

between efflux capacity and electron flux. Second, in the maintenance state, efflux 

pump overexpression exhibited a markedly elevated metabolic rate, reflecting the 

increased PMF consumption associated with high efflux activity. These results 

demonstrate that efflux pumps are not only detoxification valves but bioenergetic 

regulators that set the pace of life in biofilms.  

Despite the PMF cost of running efflux pumps, efflux overexpression did not 

substantially shift the population-average ΔΨ (Figure. 3) This apparent paradox is 

resolved by a bioenergetic compensation mechanism: cells increase ATP production 

and respiratory proton pumping to restore PMF while maintaining ES (Figure. 3A). In 

practical terms, efflux activity can modulate cell-specific flux without collapsing ΔΨ, 

consistent with a maintenance physiology that homeostatically preserves membrane 

energetics (39, 40). These findings recast efflux as a metabolic controller with two 



 49 

coordinated roles. In anaerobic adaptation, once PCN concentration exceeds the range 

where transport scales with substrate availability, efflux pump activity becomes the 

limiting step for metabolic flux, producing the observed plateau. In contrast, during 

long-term maintenance, the primary consequence of efflux activity is PMF dissipation 

(10). The cell compensates for this energetic drain by increasing metabolic throughput 

to restore ΔΨ, leading to elevated ATP production. In this sense, efflux functions as a 

metabolic controller that constrains electron-shuttling flux in adaptation while 

imposing an energetic burden that elicits compensatory metabolism in maintenance. 

Such bioenergetics mechanism explains how P. aeruginosa drastically attenuated at 

high PCN concentrations and maintain the cell-specific metabolic rate under low-

energy conditions. Give the broad conservation of RND efflux pump in bacteria, such 

mechanism could be ubiquitous in attenuating and controlling metabolism under 

energy-limited conditions.  

This energetic interpretation also clarifies why efflux-mediated detoxification fails 

specifically in the long-term maintenance state, where PMF dissipation becomes the 

dominant consequence of efflux activity. While efflux pumps have traditionally been 

viewed as detoxification valves in energy-replete conditions by exporting antibiotics to 

reduce intracellular accumulation (1, 2), our study shows that under low-energy 

conditions they fail to perform this detoxification role and instead act as a PMF-

consuming energetic burden (Figure. 4). We believe that survival defect associated with 

pump overexpression is not unique to MexEF. Under low-oxygen conditions, 

overexpression of other RND pumps—including MexAB, MexCD, and MexXY—has 

also been reported to cause pronounced growth defects (10). 

Dissecting the rate-limiting step in PCN-mediated redox cycling under adaptation 

Our adaptation-phase experiments showed that even within the plateau region, 

increasing efflux pump activity enhances metabolic flux (Figure. 2B). This 
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phenomenon can be explained by two mechanistic possibilities. One is that metabolism 

itself is rate-limiting: elevated basal proton influx from pump activity imposes an 

additional energetic burden, prompting cells to raise catabolic flux to restore PMF, 

thereby increasing the PCN reduction rate (10, 22). The alternative is that the electron-

shuttling step is rate-limiting: pump overexpression accelerates PCN export, expanding 

the overall redox-cycling flux and consequently elevating current (18, 21). 

Distinguishing between these mechanisms is essential, as they represent fundamentally 

different modes of metabolic control. If metabolism is rate-limiting, cells actively tune 

their metabolic rate in response to PMF demand. In contrast, if PCN transport is rate-

limiting, metabolic flux becomes constrained by the physicochemical properties of 

PCN—such as membrane permeability and pump affinity—rather than by intrinsic 

metabolic regulation (41, 42). These mechanistic differences could have important 

consequences for long-term viability under low-energy conditions, as the ability to 

sustain redox flux is closely tied to maintenance metabolism. Future experiments 

modulating membrane permeability should help resolve which process defines the rate-

limiting step under energy-limited, anaerobic conditions. 

 

Efflux-driven feedback promotes population robustness but reveals single-cell 

heterogeneity 

We observed PMF heterogeneity in both ∆phz∆mexS and ∆phz strains upon CCCP 

treatment (Figure. 3F), suggesting that the observed partial population cell death 

overtime in both conditions may result from insufficient PMF compensation within a 

subpopulation of cells (43, 44). Why does this heterogeneity arise? The most immediate 

potential explanation is the limited availability of PCN for electron shuttling (9). 

Theoretical calculations indicate that, at a cell density of 1 × 109 cells mL-1 (≈2 × 108 

cells in 200 µL), each cell transferring 1 × 105 e- s-1 under ∆phz + CCCP conditions, 
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the total electron demand is ≈2 × 1013 e- s-1. At 375 µM PCN (7.5 × 10-8 mol; 4.5 × 1016 

molecules), the solution can accept ≈9.0 × 1016 electrons (two per PCN)—more than 

sufficient to sustain the population’s total electron flux. However, a fraction of PCN 

accumulating within the cell membrane may reduce the effective amount of PCN 

available for extracellular electron transfer (17). Additional system-level factors may 

also contribute. Because the assay is conducted in an undivided three-electrode cell, the 

counter electrode may compete with cells for oxidized PCN—whose midpoint potential 

is approximately –140 mV versus SHE at pH 7, compared with ≈ –410 mV for the 

H+/H2 couple—acting as a thermodynamically superior oxidant that is effectively 

present at a much higher concentration (45). In addition, the absence of stirring creates 

spatial gradients: only a subset of cells remains near the working electrode, whereas 

those positioned closer to the counter electrode have diminished access to the primary 

electron-accepting surface. Such geometric and mass-transport constraints likely 

amplify population-level heterogeneity. We will examine these electrode-associated 

effects in future work. 

Another plausible explanation is related to ionic homeostasis at the single-cell level 

(46). Environmental ions provide numerous benefits to cells—for example, potassium 

and sodium gradients contribute to membrane potential (47, 48), magnesium and iron 

availability affect ATP synthase (49, 50) and redox enzymes (51, 52), and ammonium 

flux is coupled to proton homeostasis (53, 54) and amino acid availability (55, 56)—

yet these parameters can vary across microenvironments or even among individual cells 

within the same culture. On the other hand, elevated ion concentrations can impose 

additional osmotic stress, requiring cells to expend more ATP to maintain plasmolysis 

(17, 57, 58). Beyond osmotic stress, high ionic loads can also perturb intracellular pH 

homeostasis (59), increased production of radicals (60), and mismetallation (61). These 

variations in ionic balance and energetic demand would lead to heterogeneous 
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capacities to maintain PMF and to perform energy-intensive processes, ultimately 

resulting in cell-to-cell variability in survival and metabolic output. Dissecting how 

PCN partitioning and ionic milieu shape single-cell energetics is an important next step. 

 

Efflux–RAM coupling as a widespread physiological strategy for survival 

Given that PCN cycling is highly sensitive to efflux capacity in our experiments, and 

that RND transporters such as MexGHI-OpmD are known to export other phenazines 

including 5-Me-PCA and PYO (18, 21), we propose that PCN may be exported through 

analogous pathways. Additional support for this possibility comes from the broader 

RND transporter family. In E. coli, the AcrAB-TolC system has been shown to efflux 

redox-active aromatic compounds such as PYO and basic blue 24 through allosteric 

(Hill-type) control [Fuji]. Although Hill-type behavior has not been experimentally 

demonstrated for MexGHI-OpmD in P. aeruginosa, the 55% sequence similarity 

between MexI and MexF and their conserved RND architecture suggest that such 

allosteric regulation raises the possibility that comparable regulatory features may exist 

(21). This view is further reinforced by the 30–40% sequence homology between 

MexEF-OprN and the AcrAB-TolC complex (62, 63), and by the structural 

resemblance between OprN and TolC, which share a similar gating mechanism despite 

differences in periplasmic entry domains that shape substrate specificity (64). Notably, 

both systems are capable of exporting overlapping substrates such as ciprofloxacin and 

levofloxacin (65), underscoring the functional versatility of RND efflux pumps. Taken 

together, these observations make efflux-mediated PCN export a plausible model, 

although direct experimental evidence will be required to identify the specific pump(s) 

involved. 

Importantly, the link between efflux activity and the handling of redox-active 

metabolites is not restricted to phenazines. Many redox-active metabolites (RAMs), 



 53 

including toxoflavin from Burkholderia gladioli (66, 67), actinorhodin from 

Streptomyces coelicolor (68, 69), tannic acid from plants (70), and humic acids from 

environments (15), are known to be exported by efflux pumps. Notably, actinorhodin 

and humic substances have been shown to promote bacterial survival under energy-

limited conditions, potentially by serving as electron shuttles in EET pathways (71-74). 

These observations imply that efflux regulation of redox-active compounds may not be 

limited to phenazines. Together, these findings indicate that efflux pump–mediated 

control of RAM-driven redox cycling may represent a widespread physiological 

strategy for bacterial adaptation to energy-limited environments. 

 

Limitations and outlook 

Although this study provides mechanistic insight into efflux-mediated regulation 

of maintenance metabolism, undeniably, it remains limited to stationary-phase 

planktonic cultures. Stationary-phase planktonic cells share many physiological traits 

with biofilm cells (36, 75), yet differ in important respects, particularly in structural 

complexity. Future work should directly compare planktonic and biofilm systems to 

determine whether efflux influences antibiotic response and metabolism in the same 

way. In addition, we examined only a limited set of RAMs. Expanding to other self-

produced and environmental RAMs will be important to test the generality of the 

mechanism we propose. Finally, our inferences about energetic loads and 

compensatory mechanisms are drawn from population-level current and membrane-

potential measurements. Although multiple controls mitigate potential confounders, 

future studies using single-cell approaches—such as fluorescent reporters or 

microfluidics (76, 77)—will be essential to directly validate how efflux activity shapes 

bioenergetics within bacterial populations. 
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Conclusion 

By identifies multidrug efflux as the bioenergetic control point that limits PCN-driven 

metabolism under anaerobic, energy-limited conditions—this study links export 

energetics to antibiotic response in a way that is invisible under energy-replete 

conditions. Efflux-driven feedback promotes robustness at the population level while 

revealing heterogeneity at the single-cell level, highlighting both the stabilizing and 

diversifying consequences of energetic control. Although our experiments focus on 

PCN, many redox-active metabolites (RAMs) can be exported by efflux pumps and 

assist bacterial survival under energy-limited conditions, the features revealed in this 

study collectively provide a mechanistic basis for context-dependent outcomes of 

antibiotics and support an evolutionary rationale for the broad conservation of efflux 

systems, which equip bacteria with tunable feedback mechanisms that enhance survival 

across fluctuating environments. 

3.4 Material and methods 

Microbial growth conditions and reagents 

All Pseudomonas aeruginosa UCBPP-PA14 strains (Table S1) were taken from -

80˚C glycerol stocks and plated on LB agar, where they were grown overnight at 37˚C. 

After incubation, the plates were stored at 4˚C and used within a week to start liquid 

cultures. For liquid cultures, initial inoculations were made in 7 mL of LB medium in 

glass culture tubes (Iwaki, 61-9718-32) and grown in an orbital shaker (Taitec, BR-

43FL) at 37˚C with shaking at 250 rpm on a slant for 20 hours, achieving a final OD500 

of approximately 6. All reagents are listed in Table S2. 

 

Anaerobic survival assay using 96-well electrochemical potentiostat 
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This assay was performed following a previously described protocol (9). Initial 

cultures were centrifuged and washed twice with a minimal medium (MM) consisting 

of 100 mM MOPS (pH 7.2, adjusted with 5 N NaOH), 43 mM NaCl, 93 mM NH₄Cl, 

3.7 mM KH₂PO₄, and 1 mM MgSO₄. The cultures were then resuspended to an optical 

density (OD) of 75 and transferred to an anaerobic Coy chamber maintained at 33 °C 

with 1–2% H₂. A 96-well screen-printed electrode plate was prepared, consisting of a 

carbon working electrode, a carbon counter electrode, and an Ag/AgCl reference 

electrode (78). Ten microliters of the concentrated culture (previously diluted to 

OD = 15 with N₂-sparged minimal medium) was added to each well together with 

190 µL of N₂-sparged minimal medium supplemented with 20 mM D-glucose, 3.6 µM 

FeSO₄, and PCN at final concentrations of 7.5, 37.5, 75, or 375 µM (with 2.5% DMSO 

as the solvent).To minimize evaporation during electrochemical incubation, the plate 

was sealed with both a slit-seal cover (BioChromato, RSS-S96-10-S) and an aluminum 

seal cover (DiversifiedBiotech, ALUM-1000). The plate was incubated at 33 °C 

without shaking in a custom 96-potentiostat system (78), with each working electrode 

maintained at 0 mV versus Ag/AgCl. On days 1, 3, and 5 of incubation, the aluminum 

seal was removed, and the contents of each well were mixed by pipetting 150 µL at 

least 10 times. A 10 µL aliquot was then taken from each well for CFU enumeration. 

After sampling, the wells were resealed with a fresh aluminum seal and returned to the 

96-potentiostat system for continued incubation. All plastic materials used inside the 

chamber were pre-degassed in the chamber for at least three days before use. 

 

Colony Forming Unit (CFU) Assay 

Cell cultures were diluted in phosphate-buffered saline (PBS) prior to plating. 

Serial dilutions spanning 5–6 orders of magnitude were prepared, and 5 µL from each 

dilution was spotted onto LB agar plates, followed by incubation overnight at 37 °C. 
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All CFU assays performed on Day 1 (including dilution, plating, and incubation) were 

conducted under aerobic conditions. On Days 3 and 5, all steps were conducted under 

anaerobic conditions: PBS was sparged with N₂ for at least 30 min prior to use, and all 

plastic materials as well as LB agar plates were stored in the Coy chamber for at least 

two days before use. 

 

Antibiotics survival assay 

Under anaerobic conditions with electrochemical incubation, ciprofloxacin 

(2 mg/mL in 0.1 M HCl), ceftazidime, tobramycin, and gentamicin (each 20 mg/mL in 

MM) were added to the wells after Day 1 of electrochemical incubation, when cells had 

entered a low-energy maintenance state. For each well, 1 µL of the respective antibiotic 

solution was added and mixed thoroughly with the culture. Samples (10 µL) were 

collected for CFU determination at Days 0, 1, 3, and 5. Under aerobic conditions 

without electrochemistry, the same four antibiotics were added to wells of a transparent 

plastic 96-well plate on Day 0, and the plates were incubated at 33 °C without shaking. 

After mixing, 5 µL samples were collected for CFU determination at 0, 6, 12, 24, 36, 

and 48 hours. PCN or PYO concentration was at 75 or 375 µM. 

 

Dissolved Oxygen Consumption Measurement 

Dissolved oxygen measurements were performed using an Ocean Optics 

FOSPOR-R oxygen probe (Ocean Insight) connected to a laptop running Ocean Optics 

software. Overnight cultures were pregrown in LB medium for 20 hours, harvested, and 

washed twice with minimal medium (MM). Cells were resuspended in MM to a 

concentrated OD of 15. For each replicate, experimental vials were prepared by adding 

4.5 mL of oxygenated experimental buffer and a mini magnetic stir bar into 6 mL 

flat-bottom glass scintillation vials. The vials were placed on a magnetic stir plate 
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equipped with a prehensile arm to hold the FOSPOR-R probe. The probe was 

positioned so as not to contact the vial walls or the stir bar. The measurement was 

initiated by starting the stir bar and recording the baseline dissolved oxygen level for 

30 s. Subsequently, 500 µL of concentrated cells was added to the vial by pipette 

without disturbing the probe, resulting in a final OD of 1.5. Oxygen consumption was 

continuously recorded for 2 minutes. All procedures described above were performed 

under aerobic conditions. 

 

Arabinose-inducible efflux pump expression experiment 

 The P. aeruginosa UCBPP-PA14 strain Δphz attTn7::Para:mexGHI-opmD GmR 

was incubated under anaerobic electrochemical conditions with arabinose at final 

concentrations of 0, 2, 10, or 20 mM. After 24 hours of incubation, cells from each 

arabinose condition were collected into separate RNase-free tubes (each sample was 

pooled from four wells originating from the same biological batch, total volume 

approximately 800 µL). Samples were immediately removed from the anaerobic Coy 

chamber, centrifuged at 15,000 rpm for 4 min at 4 °C, and washed once with cold PBS. 

The supernatant was discarded, and cell pellets were processed for RNA extraction 

using the NucleoSpin RNA Plus kit (Takara). Complementary DNA (cDNA) synthesis 

was performed using the PrimeScript RT reagent kit (Takara). Quantitative RT-PCR 

was carried out on a StepOnePlus™ Real-Time PCR (Applied Biosystems) System 

using TB Green® Premix Ex Taq™ II (Takara). The housekeeping gene oprI was used 

as the internal control (3). Primers for mexG and oprI were designed based on a 

previous report (3). Relative gene expression levels were calculated using the 2–∆∆CT 

method. 

 

Membrane potential measurement 
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P. aeruginosa UCBPP-PA14 strains Δphz and ΔphzΔmexS were electrochemically 

incubated with PCN at a final concentration of 375 µM. After Day 1 of incubation, 

CCCP was added to a final concentration of 50 µM (with 3% DMSO). Membrane 

potential was measured on Days 1, 2, 3, and 5 using the DiOC₂(3) dye following the 

Thermo Fisher BacLight™ Bacterial Membrane Potential Kit protocol. For each 

condition, 150 µL of culture was collected into a 1.5 mL tube containing 1 mM 

ethylenediamine tetraacetic acid (EDTA, pH 8), 30 µM DiOC₂(3), and 100 nM 

Thiazole Red Homodimer (TODi-3, Lumiprobe). Samples were incubated for 20 min 

at 33 °C in the dark. Cells were then centrifuged at 8,000 rpm for 5 min, washed and 

resuspended once with anoxic MM in an equal volume. For microscopy, 2 µL of the 

stained cell suspension was spotted onto a 1% (w/v) agar pad that had been equilibrated 

in the Coy chamber for at least one day. To maintain anoxic conditions during imaging, 

anoxic 1000 sct of silicone oil (Sigma) was added on top of the agar pad prior to 

observation. The sample was imaged on a Nikon Eclipse Ti-2 inverted microscope 

equipped with an ORCA-Flash4.0 V3 camera. Excitation light (470 nm for DiOC₂(3) 

and 640 nm for TODi-3) was supplied through a SpectraX LED light engine with a 200-

ms exposure. Emission light from DiOC₂(3) was collected using standard FITC (green) 

and TRITC (red) filter cubes (Semrock), respectively, with the excitation filter removed. 

Emission light from TODi-3 was collected using a Cy5 filter cube (Semrock). The 

number of cells and the fluorescence intensity in each channel were quantified using 

ImageJ (NIH). Cells were manually selected by applying intensity thresholds, and 

regions of interest (ROIs) corresponding to individual cells were defined using the ROI 

Manager. The fluorescence intensity of each cell was then measured in the respective 

channels with appropriate LUTs applied. 

 

Statistical Analysis 
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 All statistical analyses, except for the integration of current, were performed using 

Prism 10 (GraphPad Software). The integration of current was conducted using custom 

scripts in Python 3. 
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3.5 ›Figures 

 

Figure 1. Adaptation and maintenance phases exhibit distinct metabolic 
constraints governing anaerobic PCN-driven metabolism. 

(A) Mean current generated by ∆phz strain at 375 µM over 5 days. Data represent four 
biological replicates. 
(B) Current output, (C) survival, and (D) cell-specific metabolic rate of Δphz strain after 
5 days of anaerobic electrochemical incubation in glucose minimal medium at various 
PCN concentrations. Current values were averaged over day 0-1 (adaptation) or days 
1–5 (maintenance), and survival represents the geometric mean of CFU counts from 
day 0-1 or days 1–5 (100% survival corresponds to approximately 1×109 CFU mL-1). 
Data represent mean ± SD of four biological replicates. 
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Figure 2. Efflux pump activity becomes linked to metabolic flux at high PCN levels 
during the adaptation phase. 

(A) Regulation of the mexEF-oprN operon. Deletion of mexS derepresses mexT, 
resulting in constitutive mexEF-oprN overexpression. 
(B) Current output of Δphz and ΔphzΔmexS strains during anaerobic electrochemical 
incubation in glucose minimal medium at various PCN concentrations.  
(C) Current produced by Δphz, ΔphzΔmexS, ∆phz Para:mexGHI treated with arabinose 
(20mM), and Δphz AttB::mNeonGreen strains during anaerobic electrochemical 
incubation with 375 µM PCN.  
(D) Arabinose-inducible expression of mexG in the Δphz attTn7::Para:mexGHI-opmD 
GmR after 24-hour electrochemical incubation with 375 µM PCN.  
(E) A correlation between mexG expression and current averaged over 24 hours.  
All data represent mean ± SD from at least three biological replicates, and current 
values were averaged over days 0-1. 
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Figure 3. Metabolic compensation sustains PMF under a low-energy maintenance 
state. 

(A) Proposed model of metabolic compensation driven by RND efflux pump 
overexpression. (I) Overexpression of RND efflux pumps increases their activity and 
PMF dissipation. (II) Increased PMF demand drives higher NADH oxidation, thereby 
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activating PCN redox cycling. (III) Enhanced metabolism promotes ATP generation, 
allowing restoration of PMF. 
(B) Current output, (C) survival, and (D) cell-specific metabolic rate of Δphz, 
ΔphzΔmexS, and Δphz treated with CCCP (50 µM) during 5 days of anaerobic 
electrochemical incubation in glucose minimal medium at various PCN concentrations. 
Current values were averaged over days 1–5; survival represents the geometric mean 
of CFU counts from days 1–5; and cell-specific metabolic rates were calculated from 
days 1–5. All data represent mean ± SD from at least four biological replicates. 
(E) Experimental design of the membrane potential measurement. 
(F) Membrane potential (Δψ) dynamics of Δphz, ΔphzΔmexS, and Δphz treated with 
CCCP (50 µM) from day 1–5 of anaerobic electrochemical incubation in glucose 
minimal medium at 375 µM PCN. Violin plots show the distribution of membrane 
potential, expressed as the red/green fluorescence ratio of DiOC₂(3), measured on 
days 1, 2, 3, and 5. CCCP was included as a depolarizing control, which produced a 
slight decrease in membrane potential measurements on day 1, and valinomycin was 
used as a hyperpolarization control. Each violin represents pooled single-cell 
measurements from two independent biological replicates, with 700–3,000 cells 
analyzed per replicate. 
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Figure 4. Unlike their role in promoting antibiotic tolerance under aerobic 
conditions, efflux pump overexpression paradoxically increases antibiotic 
sensitivity under anaerobic conditions. 

(A) Experimental design of the antibiotic survival assay. A 96-well plate potentiostat 
system was used for anaerobic electrochemical incubation. Each well contained an 
independent three-electrode configuration consisting of a carbon working electrode 
(WE), a carbon counter electrode (CE), and an Ag/AgCl reference electrode (RE), 
interfacing with the potentiostat via contact pins located at the bottom of the plate. 
GMM, glucose minimal medium. 
(B) Time-dependent survival dynamics of wild-type (WT), Δphz and ΔphzΔmexS 
strains under anaerobic and aerobic conditions. CFU counts were measured in the 
absence (Control-MOPS) or presence of tobramycin (100 µg/mL), gentamicin (100 
µg/mL), ceftazidime (100 µg/mL), or ciprofloxacin (10 µg/mL). Data represent mean 
± SD from at least three biological replicates. 
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(C) The cell-specific metabolic rate was calculated from the slope of the regression. 
Welch’s t-test was used to compare samples, *p<0.05. Data represent mean ± SD from 
three technical replicates (from one of two biological replicates). 

 

3.6 Supplementary materials 

Detailed Experimental Protocols 

Mutant Construction and Complementation 

∆phz AttB::mNeonGreen strain (ask Richard) if data will be used. 

Primers were synthesized by Integrated DNA Technologies (sequences listed below). 

The mexS coding region was inserted into the eGRS96 plasmid under the control of the 

rhamnose-inducible promoter (pRha) using Gibson Assembly (NEB). The constructed 

plasmid, which confers gentamicin resistance, was electroporated into P. aeruginosa 

ΔphzΔmexS, and transformants were selected on LB agar supplemented with 

gentamicin []. For complementation experiments, cultures electrochemically incubated 

in Glucose-MM supplemented with L-rhamnose (0.01% w/v) to induce mexS 

expression. 

 

ATP Quantification 

ATP levels were measured using the BacTiter-Glo™ Microbial Cell Viability Assay 

(Promega) according to the manufacturer’s instructions. On Day 5 of anaerobic 

electrochemical incubation, 100 µL of culture was collected from each replicate (Δphz, 

ΔphzΔmexS, and Δphz treated with CCCP; n = 4 per condition), pelleted by 

centrifugation at 8,100 rpm for 5 min, and washed twice with an equal volume of anoxic 

PBS. ATP quantification was performed immediately after the final resuspension using 

a microplate reader SH-9000 (Corona Electric). Luminescence values were normalized to 

CFUs obtained on the same day to calculate ATP per viable cell. 



 66 

 

VBNC State Measurement 

On Day 5 of the anaerobic electrochemical incubation, cultures of Δphz, ΔphzΔmexS, 

and Δphz treated with CCCP (PCN = 75 µM) were collected by centrifugation at 

8,000 rpm for 5 min and washed twice with an equal volume of anoxic PBS. Cell pellets 

were resuspended in anoxic PBS and stained with SYTO 9 (6.3 µM) and propidium 

iodide (37.5 µM) using the LIVE/DEAD® BacLight™ Bacterial Viability Kit 

(Invitrogen). Samples were incubated for 15 min at 33 °C in the dark under aerobic 

conditions. For microscopy, 2 µL of the stained cell suspension was spotted onto a 1% 

(w/v) agar pad. Fluorescence imaging was performed on a Leica DFC450C 

epifluorescence microscope equipped with FITC and TXR filter sets for SYTO 9 and 

propidium iodide signals, respectively. The number of cells exhibiting fluorescence in 

each channel was quantified using ImageJ (NIH). Cells were manually selected by 

applying intensity thresholds, and ROIs corresponding to individual cells were defined 

using the ROI Manager. A total of 500–1,500 cells were analyzed for each sample 

 



 67 

 

Table S1. Bacterial strains, plasmids, and primers 

Strains/ plasmids/ primers Source/ 

reference 

Pseudomonas aeruginosa UCBPP-PA14 

Wild type 

∆phz1/2 

∆phz1/2∆mexS 

∆phz1/2∆mexS (eGRS96-mexS) 

∆phz AttB::mNeonGreen 

 

 

(19) 

(3) 

This study 

This study 

Escherichia coli  

DH10-beta 

 

Life 

Technology 

Plasmids 

eGRS96* 

pUC18T-mini-Tn7T-GmR 

 

Primers 

mexS forward: 

TGCAGTAAGGAGGAACAGCTATGTCCCGAGTGATCCGTTT 

mexS reverse: 

TCTCATCCGCCAAAACAGCCTCAATCGGCGACGTGGATCA 

 

This study 

 

This study 

* pMQ72(79) derivative with yeast elements (2µ, URA3) removed and pBAD promoter 

replaced by rhamnose-inducible pRha promoter. 
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Table S2. Reagents 

Chemicals Source Identifier 

Difco LB Broth BD 244620 

Agar Nacalai 01028-85 

MOPS Sigma-Aldrich M1254 

Sodium Chloride Fujifilm-Wako 191-01665 

Ammonium Chloride Fujifilm-Wako 017-02995 

Potassium Phosphate 

Monobasic 

Fujifilm-Wako 136-14485 

Magnesium Sulphate 

Heptahydrate 

Fujifilm-Wako 131-00405 

Iron(II) Sulphate 

Heptahydrate 

Fujifilm-Wako 095-01095 

D-Glucose Fujifilm-Wako 049-31165 

L-Arabinose Fujifilm-Wako 012-04581 

α-L-Rhamnose Fujifilm-Wako 180-00752 

Phenazine-1-carboxamide Combi-Blocks QC-6178 

Potassium Nitrate Nacalai Tesque 28704-85 

DMSO Nacalai Tesque 13407-45 

Ciprofloxacin Sigma-Aldrich 17850 

Ceftazidime Hydrate Sigma-Aldrich A6987 

Tobramycin Sigma-Aldrich T4014 

Gentamicin Sulfate Nacalai Tesque 08975-94 

CCCP Sigma-Aldrich 215911 

Valinomycin Sigma-Aldrich 94675 

Nigericin Sodium Salt MedChemExpress HY-100381 

DiOC2(3) Invitrogen D14730 

TODi-3 Lumiprobe A2610 

BCECF-AM Invitrogen B1150 

 



 69 

 

 

Figure S1. The arabinose-inducible Δphz Para:mexGHI strain shows higher 
current production than Δphz without affecting survival. 

(A) Survival of Δphz Para:mexGHI at different concentrations of arabinose, with Δphz 
as a negative control. Data represent mean ± SD from at least four biological replicates. 
100% survival corresponds to approximately 5 × 10⁸ CFU mL⁻¹. 
(B) Current produced Δphz Para:mexGHI with 20 mM arabinose and by Δphz with or 
without 20 mM arabinose. Current values were averaged over the first 24 hours of 
anaerobic electrochemical incubation with 375 µM PCN. Data represent mean ± SD 
from at least four biological replicates. Welch’s t-test was used to compare samples, 
****p<0.0001. 
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Figure S2. Low-energy maintenance metabolism in Δphz, ΔphzΔmexS, and Δphz 
treated with CCCP (50 µM). 

(A) Representative current profiles from four biological replicates. After 5 days of 
electrochemical incubation with 375 µM PCN, cells from four wells were filtered 
through a 0.2 µm cellulose acetate membrane and transferred into a new electrode plate 
(current without Δphz). Cells from the other four wells were directly transferred into a 
new electrode plate (current with Δphz). 
(B) Intracellular ATP levels after 5 days of anaerobic electrochemical incubation. Data 
represent mean ± SD from at least five biological replicates. Welch’s t-test was used for 
comparisons between samples (*p<0.05; **p<0.01). 
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Figure S3. The contribution of VBNC cells was minimal in our system. 

(A) Representative microscopy images of Δphz, ΔphzΔmexS, and Δphz treated with 
CCCP (50 µM). Syto 9 (green fluorescence) marks live cells, and propidium iodide (red 
fluorescence) marks dead cells. Scale bar: 10 µm. 
(B) Survival calculated from fluorescence microscopy images (500–1,200 cells 
analyzed per batch). Data represent mean ± SD from three biological replicates. 
(C) Survival calculated from direct anaerobic plating. Data represent mean ± SD from 
at least four biological replicates. 
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Figure S4. Fluorescence of TODi-3 in Δphz, ΔphzΔmexS, and Δphz treated with 
CCCP (50 µM) during days 1–5. 

Violin plots illustrate the distribution of fluorescence intensity and allow assessment of 
whether cell death differs significantly between strains or conditions. Each violin 
represents pooled single-cell measurements from two independent biological replicates, 
with 400–2,000 cells analyzed per replicate. 
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Figure S5. The mexS mutation increases antibiotic sensitivity under anaerobic, 
energy-limited conditions. 

Time-dependent survival dynamics of Δphz, ΔphzΔmexS, and ΔphzΔmexS 
complemented with mexS, with or without 0.01% (w/v) rhamnose, during anaerobic 
electrochemical incubation. CFU counts were measured in the presence of 
ciprofloxacin (10 µg mL⁻¹). Data represent mean ± SD from at least three biological 
replicates. 
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Figure S6. The mexS mutation increases cell-specific metabolic rate under 
anaerobic, energy-limited conditions. 

(A) Oxygen consumption kinetics of Δphz and ΔphzΔmexS strains in minimal medium 
under oxic conditions. Cell density corresponds to 2 × 1010 CFU mL-1.  
(B) Because molecular oxygen can accept four electrons, the data in Figure S2A were 
converted from μmol of oxygen consumed to electrons transferred.  
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Chapter 4  High-diffusion redox cycling enhances metabolism 

and increases antibiotic sensitivity under a low-energy 

condition 

4.1 Introduction 

Bacterial metabolic states fundamentally shape how cells respond to antibiotics (1, 2). 

When energy and nutrients are abundant, bacteria upregulate metabolism to support 

growth, allowing metabolism-dependent antibiotics—such as aminoglycosides and 

fluoroquinolones—to efficiently kill cells by disrupting protein or DNA synthesis. 

However, under oxygen- or nutrient-limited conditions, bacteria minimize energy 

expenditure and enter a low-metabolic state, rendering these antibiotics ineffective (3, 

4). Such energy-limited conditions are widespread in natural and clinical settings, 

including soils, hypoxic lung mucus, and the anaerobic cores of biofilms, posing a 

major obstacle to effective treatment (5-10). 

Under energy-limited conditions, redox-active metabolites (RAMs) can act as 

alternative electron acceptors during metabolism, becoming reduced inside the cell and 

reoxidized extracellularly by external electron acceptors before re-entering the cell (11). 

This redox cycling allows RAMs to maintain intracellular redox balance and sustain 

metabolism (12, 13). Because redox cycling requires RAMs to repeatedly traverse the 

cell membrane, their physicochemical properties—which determine membrane 

permeability—play a crucial role. Although many studies have examined which 

physicochemical features most strongly influence membrane permeability (14-17), far 

fewer have considered how these properties affect a molecule’s capacity to sustain 

redox cycling for metabolism. In particular, it remains unclear how membrane 

permeability contributes to RAM transport and thereby shapes metabolic flux under 

energy-limited conditions. 
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Previous evidence shows that membrane permeability directly governs the 

movement and intracellular retention of endogenous redox-active metabolites (RAMs). 

In Pseudomonas aeruginosa, genetically increasing outer-membrane porosity enhances 

the export of pyocyanin (PYO), demonstrating that diffusion through the outer 

membrane substantially contributes to its steady-state distribution (18). Conversely, 

loss of porins—such as deletion of OmpF in Escherichia coli—markedly reduces the 

permeation of small solutes by restricting diffusion across the outer membrane (19). 

These findings led us to hypothesize that the membrane permeability of RAMs 

influences metabolic flux. Under energy-limited conditions, compounds with low 

membrane permeability may become constrained by efflux pump capacity or by slow 

membrane transit, thereby limiting metabolic flux. In contrast, diffusion-favored 

molecules can sustain higher fluxes because their transport does not encounter such 

bottlenecks. This diffusion-driven enhancement of metabolism may, in turn, reduce the 

antibiotic tolerance characteristic of low-energy states. 

To test this hypothesis, we leveraged a high-throughput electrochemical platform 

that quantifies metabolic flux in non-growing P. aeruginosa under anoxic conditions. 

We first examined whether concentration-dependent metabolic activation influences 

antibiotic sensitivity, and then investigated how diffusion capability—serving as a 

proxy for membrane permeability—correlates with metabolic rate. Finally, we 

analyzed which physicochemical traits of RAMs govern their membrane permeability 

in P. aeruginosa. Together, these approaches reveal an alternative means to enhance 

antibiotic sensitivity under energy-limited conditions by stimulating metabolism with 

highly membrane-permeable molecules. 
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4.2 Results 

4.2.1 PCN is PMF-limited while PYO is diffusion-driven in mediating anaerobic 

metabolism 

In our previous work, we demonstrated that under energy-limited conditions, when 

phenazine-1-carboxamide (PCN) exceeded a threshold concentration, its metabolism 

became limited by efflux capacity, reflecting a pump-saturation bottleneck that, 

prevents further increases in metabolic rate in P. aeruginosa. Inspired by this 

observation, we next asked whether RAMs with different membrane permeability 

would exhibit distinct metabolic behaviors. To test this, we examined another 

endogenous electron shuttle produced by P. aeruginosa—pyocyanin (PYO). PYO is 

predicted to have higher membrane permeability than PCN, as it exhibits a lower 

topological polar surface area (TPSA) (20), fewer hydrogen-bond donors (fuji), and 

lower conformational flexibility (fewer rotatable bonds) (fuji) (Table 1). Based on these 

physicochemical differences, we hypothesized that PYO should sustain higher 

metabolic fluxes than PCN at elevated concentrations. 

To address this, we applied the protonophore carbonyl cyanide m-chlorophenyl 

hydrazone (CCCP), a chemical uncoupler that dissipates the proton motive force (PMF), 

with a range of PCN/ PYO concentration (37.5, 75, 150, and 375 µM). Because PMF 

dissipation inhibits energy-dependent efflux while leaving passive diffusion unaffected, 

the metabolic flux of a metabolite that is diffusion-limited should remain unchanged in 

the presence of CCCP (21). These phenazines were tested in P. aeruginosa under 

anaerobic incubation at a poised potential (0 V vs. Ag/AgCl) with glucose as the 

electron donor. We first focused on the initial 24 hours of anaerobic incubation, during 

which cell viability remains largely unchanged (Figure 1A). This time window 

therefore provides a stable physiological state that allows us to examine the kinetic 
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response of electron shuttles without confounding effects from changes in population 

size. We observed a significant decrease in metabolic flux (read out as current) with 

PCN upon CCCP treatment, suggesting that PCN-redox cycling is strongly related to 

PMF (Figure 1B). In contrast, metabolic flux with PYO did not change with CCCP 

treatment, suggesting that PYO redox cycling is mediated by diffusion (Figure 1C). 

Together, these results suggest that PCN-mediated metabolism is constrained by PMF, 

while PYO-mediated metabolism proceeds largely through passive diffusion, revealing 

distinct transport bottlenecks that shape their metabolic fluxes. 

To determine how these distinct transport bottlenecks influence metabolic rate and 

survival during a maintenance state, we performed 5-day electrochemical incubations 

with PCN and PYO across a range of concentrations (Figure 2A). Current output 

increased linearly with PYO concentration, and viability was maintained only at 

concentrations above 75 µM (Figure 2B), resulting in a 3.5-fold higher cell-specific 

metabolic rate at 375 µM compared to 75 µM (Figure 2B). Unlike PCN, which reached 

a plateau in metabolic rate at high concentrations, PYO supported continued increases 

in metabolic activity, indicating that its transport does not encounter the same capacity-

limiting bottleneck during prolonged maintenance. 

To test whether the elevated metabolic activity at high PYO concentrations reflects 

increased metabolic burden or simply highly efficient electron shuttling, we compared 

∆phz and ∆phz∆mexS strains under PYO exposure (Figure 2C). If the enhanced current 

at high PYO concentrations were driven by basal metabolic burden, the ∆phz∆mexS 

mutant—which experiences greater PMF drain due to efflux overexpression—should 

exhibit a further increase in metabolic flux. However, during long-term incubation, 

metabolic flux did not increase in the ∆phz∆mexS mutant at high PYO concentrations, 

indicating that flux at this regime is set by the electron-shuttle transport capacity rather 

than by basal metabolic burden. 
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In addition, based on the finding that the metabolic rate did not differ between ∆phz 

and ∆phz∆mexS strains at 375 µM PYO but was significantly elevated at 75 µM, we 

hypothesized that drug sensitivity likewise be similar at 375 µM but reduced in 

∆phz∆mexS at 75 µM. To test this, we measured day 5 survival in the presence of 75 or 

375 µM PCN or PYO after adding ciprofloxacin following 1 day of anaerobic 

electrochemical incubation (Figure 2D). In contrast to PCN, where ∆phz∆mexS shows 

a higher metabolic rate than ∆phz at high concentrations and thus exhibits altered drug 

sensitivity, no survival difference was observed between the two strains with PYO at 

375 µM. However, at 75 µM, survival of ∆phz∆mexS was significantly decreased 

compared to ∆phz in the presence of either PCN or PYO. These results further indicate 

that the link between metabolic activity and antibiotic sensitivity may be a general 

outcome under energy-limited conditions. 

 

4.2.2 Metabolic rate controlled by RAM concentration determines antibiotic 

sensitivity 

To further test whether metabolic activity underlies these differences in antibiotic 

sensitivity, we next examined sensitivity under conditions where the metabolic rate 

(read out as current output) was modulated by RAM concentration. We first used PCN 

and PYO, which exhibit distinct concentration-dependent current profiles. We focused 

on the initial 20 h, during which most cells remain viable, to capture the early metabolic 

activation phase before substantial cell death. Ciprofloxacin and tobramycin were 

selected because they primarily act on metabolically active cells (2). When exposed to 

ciprofloxacin, cell survival increased with RAM concentration (Figure 3A), whereas 

the opposite trend was observed with tobramycin (Figure 3B). This opposite pattern 

likely reflects efflux pump substrate specificity: phenazines induce the MexEF-OprN 

efflux system, for which ciprofloxacin is a substrate, leading to increased resistance at 
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higher phenazine concentrations (22). In contrast, tobramycin is primarily exported by 

MexXY-OprM, which is not induced by phenazines, explaining why tobramycin 

susceptibility did not change with phenazine-dependent efflux induction (23). Given 

this, we focused subsequent analyses on tobramycin to isolate the contribution of 

metabolic regulation from efflux induction. We found that tobramycin sensitivity 

increased with PYO and PCN concentration, with a more pronounced trend at high 

tobramycin levels. PYO showed stronger sensitization because its metabolic rate 

continued to rise at high concentrations, whereas PCN exhibited a metabolic plateau, 

resulting in a correspondingly weaker increase in sensitivity. We consider it unlikely 

that phenazine–antibiotic competition for efflux explains this sensitivity: pumps such 

as MexXY–OprM, which belong to the aminoglycoside-specific subfamily of RND 

transporters, are broadly associated with resistance to positively charged, highly polar 

antibiotics (23). These pumps are neither induced by phenazines nor reported to 

transport them (22, 24, 25), making phenazine–antibiotic competition for efflux 

mechanistically unlikely.  

 

4.2.3 Membrane permeability of RAMs predicts metabolic rate P. aeruginosa 

Since PYO and PCN have distinct physicochemical properties, with PYO predicted to 

have higher membrane permeability than PCN, this difference may explain their 

divergent metabolic rates at high concentrations. To test whether membrane 

permeability generally correlates with metabolic rate, we examined a broader panel of 

RAMs with 375 µM. We hypothesized that compounds with higher passive 

permeability would support higher metabolic rates. 

To isolate the contribution of passive diffusion from active transport, we performed 

assays with and without CCCP. CCCP, a protonophore that dissipates the proton motive 

force (PMF), inhibits energy-dependent efflux and thereby approximates a passive-
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diffusion condition. We therefore treated the current measured under CCCP as a proxy 

for membrane permeability. Although some molecules showed a marked decrease in 

current upon CCCP treatment, indicating that PMF-dependent process contributes to 

their export, permeability-associated current and total current remained strongly 

positively correlated (R² = 0.88, r = +0.94), indicating that membrane permeability 

contributes substantially to the overall metabolic rate supported by RAMs (Figure 4A). 

To further identify which physicochemical features govern permeability in P. 

aeruginosa, we plotted permeability-associated current against several descriptors, 

including molecular weight (MW), topological polar surface area (TPSA), number of 

rotatable bonds (molecular flexibility), hydrogen-bond donors (HBD), and calculated 

logP (MlogP, hydrophobicity) (Figure 4B-F). Current showed strong correlations with 

MlogP (r = −0.71) and the number of rotatable bonds (r = −0.78), and a moderate 

correlation with MW (r = −0.57), whereas correlations with TPSA and HBD were weak. 

These results indicate that hydrophobicity and molecular flexibility—rather than 

polarity—are the physicochemical features most strongly associated with passive 

permeability and thus diffusion-based export in P. aeruginosa. 

 

4.3 Discussion 

Bacterial low-metabolic states pose major challenges for antibiotic treatment. Here, we 

show that redox-active metabolites (RAMs) with high diffusion capability can enhance 

metabolic activity even under energy-limited conditions because their greater 

membrane permeability enables rapid transmembrane transport. Whereas PMF-

dependent processes and low-permeability molecules become transport-limited at high 

substrate concentrations, passive diffusion by highly permeable RAMs remains 

unsaturated, supporting sustained metabolic activation. This mechanistic difference 
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explains the distinct aminoglycoside sensitivity patterns observed for PYO and PCN. 

PYO, with higher membrane permeability, continues to boost metabolic activity at 

higher concentrations and therefore enhances antibiotic killing. In contrast, PCN, which 

has lower membrane permeability and relies more heavily on PMF, exhibits a saturated 

metabolic rate at high concentrations and consequently shows weaker killing efficiency. 

Although aminoglycosides are known to primarily kill cells at the biofilm surface due 

to their high polarity, which limits penetration into the biofilm matrix (26, 27), we 

hypothesize that high levels of RAMs could reshape the biofilm matrix—consistent 

with recent findings that phenazine-dependent redox gradients remodel matrix 

architecture (28)—and thereby potentially influence antibiotic access to deeper layers. 

Future biofilm experiments will be required to verify this possibility. 

In biofilms, phenazines segregate spatially: PYO is enriched in the outer layers (~70–

80 µM), whereas PCN accumulates deeper in the matrix at substantially higher 

concentrations (~400 µM) (29, 30). Despite this difference, our measurements show 

that PCN at 375 µM supports a similar cell-specific metabolic rate to PYO at 75 µM, 

indicating that biofilm-layer–specific fluxes may be comparable even when local 

concentrations differ by several fold. Although we used a planktonic electrochemical 

system to estimate metabolic rates, this approach remains physiologically relevant 

because prior work shows that oxidized PYO is retained by the eDNA matrix, whereas 

reduced PYO—and PCN, which binds eDNA only weakly—diffuse readily through 

biofilms (29). Since reduced phenazines do not substantially accumulate extracellularly 

in biofilms, their export is not limited by matrix retention. This supports the idea that 

our electrochemical system, which continuously removes reduced phenazines at the 

electrode, recapitulates the in-situ transport dynamics of biofilms, where reduced 

phenazines likewise remain freely diffusible.  
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At supraphysiological PYO (well above biofilm levels), membrane diffusion is likely 

to dominate: efflux overexpression and CCCP no longer change metabolic flux. 

Interestingly, this result differs from previous reports showing that efflux pumps such 

as MexGHI-OpmD contribute to PYO export, and that loss of this system leads to 

intracellular PYO accumulation and increased sensitivity (18). Although those studies 

did not explicitly distinguish the redox state of PYO, their experiments were carried out 

under aerobic conditions in which oxidized PYO is expected to predominate and to 

drive oxidative stress. By contrast, the current that we measured under anaerobic 

electrochemical conditions is generated primarily by the reduced form of PYO, which 

is substantially less toxic. The lack of a CCCP effect on PYO-mediated current 

therefore indicates that reduced PYO is exported largely by passive diffusion, even 

though oxidized PYO can be an efflux substrate in other physiological regimes. 

Correlation analysis across multiple RAMs using diffusion-only current (CCCP 

condition) allowed us to examine membrane permeability without interference from 

PMF-dependent processes, which preferentially transport substrates with 

physicochemical properties distinct from those that passively diffuse. For example, 

small and hydrophilic molecules such as C4–C6 acyl-HSLs diffuse readily across 

membranes, whereas larger or more hydrophobic analogs like C12 show poor passive 

permeability and therefore rely heavily on efflux-mediated export (31). Consistent with 

this pattern, our analysis revealed that hydrophobicity and molecular flexibility—both 

negatively correlated with diffusion-associated current—are key structural 

determinants governing passive diffusion across the P. aeruginosa membrane. These 

findings explain why highly permeable compounds such as PYO can sustain redox 

cycling even when PMF or efflux capacity becomes limiting. 

Together, these results identify membrane permeability as the primary determinant 

linking RAM structure to metabolic rate and antibiotic susceptibility under energy-
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limited conditions. By establishing how physicochemical properties control transport 

mechanisms and metabolic flux, this work provides a conceptual framework for 

understanding how RAMs modulate antibiotic sensitivity in P. aeruginosa. 
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4.4 Methods and materials 

Microbial Growth Conditions and Reagents 

All Pseudomonas aeruginosa UCBPP-PA14 strains  were revived from –80 °C glycerol 

stocks and streaked onto LB agar, followed by overnight incubation at 37 °C. Plates 

were stored at 4 °C and used within one week to inoculate liquid cultures. For liquid 

culture preparation, cells were grown in 7 mL LB in glass culture tubes (Iwaki, 61-

9718-32) at 37 °C with shaking at 250 rpm on a slanted rack for 20 h, yielding a final 

OD500 of ~6.  

 

Anaerobic Survival Assay Using a 96-Well Electrochemical Potentiostat 

Starter cultures were centrifuged and washed twice with minimal medium (MM; 100 

mM MOPS pH 7.2, 43 mM NaCl, 93 mM NH4Cl, 3.7 mM KH2PO4, 1 mM MgSO4). 

Cells were then concentrated to OD 75 and transferred into an anaerobic Coy chamber 

(33 °C, 1–2% H₂). A 96-well screen-printed electrode plate containing carbon 

working/counter electrodes and an Ag/AgCl reference electrode (88) was prepared. Ten 

microliters of culture (diluted beforehand to OD 15 in N2-sparged MM) was added to 

each well with 190 µL N₂-sparged MM supplemented with 20 mM glucose, 3.6 µM 

FeSO4, and PCN or PYO at 7.5, 37.5, 75, 150, 225 or 375 µM (2.5% DMSO). Wells 

were sealed with a slit seal (BioChromato) plus an aluminum seal (DiversifiedBiotech) 

to minimize evaporation. Plates were incubated at 33 °C without shaking in a custom 

96-channel potentiostat at 0 mV vs Ag/AgCl. On Days 1, 3, 5, the aluminum seal was 

removed, wells were mixed by pipetting, and 10 µL was collected for CFU counting. 

Wells were resealed and returned to the chamber. All plasticware used inside the 

chamber was pre-degassed for ≥ 3 days. 
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Colony Forming Unit (CFU) Assay 

Cells were serially diluted in PBS prior to plating. Dilutions spanning 5–6 logs were 

prepared, and 5 µL from each dilution was spotted on LB agar, followed by overnight 

incubation at 37 °C. All Day 1 CFU procedures (dilution, spotting, incubation) were 

performed aerobically. For Days 3 and 5, all steps were performed anaerobically: PBS 

was N₂-sparged for ≥ 30 min, and all plasticware and LB plates were pre-equilibrated 

in the Coy chamber for ≥ 2 days. 

 

Antibiotic Survival Assay 

Under anaerobic electrochemical conditions, ciprofloxacin (0.4 and 10 mg/mL in 0.1 

M HCl), and tobramycin (each 4 and 80 mg/mL in MM) were added to wells on day 0. 

One microliter of antibiotic solution was mixed into each well, and 10 µL samples were 

collected for CFU enumeration after 24-hour incubation. PCN or PYO was supplied at 

75, 150, 262 or 375 µM. 

 

CCCP experiment 

Before the addition of RAMs (final concentration 375 µM), CCCP was added to 

each well at final concentrations of 50 µM (with 3% DMSO as the solvent). The 

cultures were incubated with CCCP for 15 minutes at 33 °C. RAM was then added to 

reach the final concentration, the wells were mixed thoroughly, and electrochemical 

incubation was initiated. All procedures were performed under anaerobic conditions 

within the Coy chamber. All stocks of RAMs (30mM) were dissolved in DMSO. 
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4.5 Figures 

 

Figure 1. PCN-mediated metabolism is PMF-limited, whereas PYO is diffusion-
driven. 

(A) Survival of Δphz cells after 24 h anaerobic electrochemical incubation with or 
without CCCP.  
(B) Current output from Δphz cells supplied with increasing PCN concentrations  in the 
presence or absence of CCCP.  
(C) Current output from Δphz cells supplied with increasing PYO concentrations under 
the same conditions.  
Current values were averaged over days 0-1. Data represent mean ± SD from four 
technical replicates. 
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Figure 2. Distinct transport constraints determine metabolic flux and antibiotic 
sensitivity during long-term maintenance 

(A) Mean current generated by ∆phz strain with varying concentrations of PYO or PCN 
over days 1–5. Data represent four biological replicates.  
(B) Current output (left), survival (middle), and cell-specific metabolic rate (right) 
during 5 days of anaerobic electrochemical incubation in glucose minimal medium with 
varying concentrations of PYO or PCN. Current values are averaged over days 1–5; 
survival represents the geometric mean of CFU counts from days 1–5. Data represent 
mean ± SD from at least four biological replicates. 100% survival corresponds to 
approximately 5 × 10⁸ CFU mL⁻1. 
(C) Cell-specific metabolic rate of Δphz and ΔphzΔmexS strains during days 1–5 of 
anaerobic incubation across various PYO concentrations. 
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(D) Day 5 survival of ∆phz and ∆phz∆mexS strains under anaerobic conditions with 75 
or 375 µM PCN or PYO. Ciprofloxacin (10 µg/mL) was added after 1 day of anaerobic 
electrochemical incubation. Data represent at least four biological replicates. 

 

Figure 3. Concentration-driven metabolic activation reveals opposing sensitivity 
patterns to ciprofloxacin and tobramycin. 

(A) Survival of Δphz cells exposed to ciprofloxacin (2 or 50 µg/mL) after one day 
anaerobic electrochemical incubation with increasing concentrations of PCN or PYO.  
(B) Survival of Δphz cells exposed to tobramycin (20 or 400 µg/mL) under the same 
conditions. 
Data represent mean ± SD from three technical replicates. 
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Figure 4. Membrane permeability predicts RAM-mediated metabolic rate in P. 
aeruginosa. 

(A) Correlation between total current and diffusion-associated current (measured under 
CCCP), showing that passive permeability strongly contributes to overall metabolic 
rate supported by redox-active metabolites (RAMs) (R² = 0.88). 
(B–F) Diffusion-associated current plotted against physicochemical descriptors of each 
RAM: 
(B) calculated logP (MlogP), 
(C) number of rotatable bonds, 
(D) molecular weight, 
(E) topological polar surface area (TPSA), and 
(F) number of hydrogen-bond donors (HBD). 
Current values were averaged over days 0-1. Data represent mean ± SD from four 
technical replicates. 
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4.6 Table 

Table 1. Physiochemical properties of PYO and PCN 

 PYOox PYOred PCNox PCNred 

SMILES 

CN1C2=CC=CC

=C2N=C3C1=CC

=CC3=O 

CN1C2=C(NC3=

C1C=CC=C3O)C

=CC=C2 

C1=CC=C2C(=C

1)N=C3C=CC=C

(C3=N2)C(=O)N 

NC(=O)C1=CC

=CC2=C1NC1=

C(N2)C=CC=C

1 

TPSA 34.89 40.95 68.87 74.67 

H-bond donor 0 2 1 3 

Rotatable bond 0 0 1 1 

TPSA, topological polar surface area. Log Po/w, octanol–water partition coefficient. 

Data were obtained from the SwissADME online tool (http://www.swissadme.ch) 
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5.1 Introduction 

Chapters 2 and 3 establish that Pseudomonas aeruginosa survives under anaerobic, 

energy-limited conditions by sustaining extracellular electron transfer (EET) through 

redox-active metabolites and export systems. Because EET is also used by well-known 

environmental electroactive bacteria such as Shewanella and Geobacter, these 

mechanistic findings indicate that EET is not a species-specific phenomenon but a 

broadly conserved survival strategy in low-energy environments. This understanding 

naturally raises an ecological question: how widespread are EET-dependent survival 

mechanisms in environmental microbial communities, and which bacterial taxa are 

particularly capable of thriving under anaerobic, energy-limited conditions? The 

osmium-grafted magnetic nanobead enrichment method described in Chapter 5 was 

developed to address this question. By selectively isolating cells that exhibit strong 

surface redox activity—a phenotypic indicator of potential EET capability—this 

method provides a means to identify electroactive bacteria that can outcompete others 

under oxygen-limited conditions. In doing so, it extends the mechanistic insights gained 

from P. aeruginosa to a community context, providing ecological insight into how EET 

shapes survival and competitiveness in natural microbial assemblages. 

Microbial electrochemical technologies (METs) are emerging environmental 

biotechnologies in which electroactive bacteria perform electrode catalysis coupled 

with interfacial electron transfer, referred to as extracellular electron transfer (EET) (1-

3). Thus, EET-capable bacteria have been applied in numerous biotechnological 

applications such as in microbial fuel cells (MFCs), bioremediation of environmental 

pollutants and metal recovery, chemical production, and biosensors (1, 4, 5). 

Remarkable progress has been made in understanding the biological interactions 

between nanomaterials and model electrogenic bacteria such as Shewanella and 
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Geobacter (6-8), supporting the potential of using METs with highly durable, low cost, 

and highly efficient processes compared with conventional chemical and environmental 

processes for sustainable energy and carbon neutrality. However, METs mainly rely on 

mixed bacterial cultures, which are typically obtained from natural environments such 

as soil or sewage sludge. Therefore, the bioelectrocatalytic activity depends largely on 

the number of electrogenic bacteria, which requires that the number of inactive or 

suppressing bacteria is minimized in this system (9). Transfer of a pre-incubated 

bacterial consortium (as an inoculum) from an operating electrode to a new electrode 

is a common strategy for improving power generation; however, constructing and 

running the reactor for the pre-enrichment process takes at least a few weeks (10, 11). 

Therefore, in the present study, we are urged to develop a quick method for enriching 

electrogenic bacteria.  

Redox-dependent 3,3′-diaminobenzidine (DAB) polymerization is commonly used to 

stain electron transfer enzymes on the surface of electrogenic bacteria cells by 

conjugating them with heavy metals such as osmium and cobalt, thereby resulting in 

dark contrast in transmission electron microscopy (TEM) imaging (12, 13). This 

specific interaction proceeds as a function of the heme iron center in c-type cytochrome, 

which activates DAB oxidation, with further cross-linking aided by the oxidant 

hydrogen peroxide (14, 15). Cell-surface enzymes with heme iron centers are 

commonly observed in environmental electrogenic bacteria; approximately ten 

different cytochrome genes have been proposed in both iron-reducing and iron-

oxidizing bacteria (16). Moreover, DAB staining in electrogenic bacteria has been 

reported even in the absence of cytochrome genes (17). Therefore, efficient catalysis of 

DAB polymerization on the cell surface may be specific to electrogenic bacteria and 

thus can be used to enrich bacteria from the environment without culture or MFC 

construction. Magnetic nanoparticles (MNPs) with uniform surface characteristics have 
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been used for capturing bacteria, which i) display good controllability in terms of 

particle size during preparation (18, 19), ii) high feasibility for functionalized surface 

features by using various chemical modification methods (20-22), and iii) strong 

magnetic properties for a rapid kinetic response in solution because of the remote 

magnet operation (23, 24). Jin et al. functionalized MNPs via surface modification with 

amino acids, which displayed rapid and efficient capture of both the gram-positive and 

gram-negative bacteria Bacillus subtilis and Escherichia coli, respectively (25). Sung 

et al. synthesized antibody-modified magnetic nanocomposites to capture 

Staphylococcus aureus in milk, achieving a capture efficiency of 75% because of the 

specific binding between the antibody and S. aureus (26). Therefore, separation using 

functionalized MNPs is a promising strategy for isolating electrogenic bacteria. 

In the present study, we developed a rapid method for enriching electrogenic bacteria 

(within 30 min) to enhance microbial current production without additional 

electrochemical incubation. As the DAB polymer binds strongly with OsO4 (27, 28), 

folic acid (FA) was used to conjugate the MNPs using OsO4 as a linker to form Os-

exposed MNPs (Scheme 1A) (29, 30). To assess the selectivity of these MNPs for 

electrogenic bacteria (Scheme 1B), Shewanella oneidensis MR-1 was used (with outer-

membrane cytochromes, OMCs) as EET-capable bacteria, whereas E. coli (without 

OMCs) was used as the negative control. The optimized magnetic separation conditions 

were applied to enrich electrogenic bacteria from an environmental sample, after which 

16S rRNA analysis and electrochemical assay were performed. Direct enrichment of 

electrogenic bacteria without costly culturing processes may improve the efficiency of 

power generation in MFCs. 
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5.2 Results 

5.2.1 Synthesis and characterization of Os-exposed nanobeads 

A simple process was designed for preparing Os-exposed nanobeads (Scheme 1A). 

Briefly, commercial MNPs were used as the starting material and subjected to two 

surface modification reactions. First, the functional groups of carboxylic acid on FA 

have a strong affinity for the metal ion; thus, FA easily chelated bare iron on the 

nanobead surface to form FA-modified nanobeads (M@FA NPs) (31). Second, M@FA 

NPs were conjugated with OsO4 to produce Os-exposed nanobeads (M@FA-Os NPs). 

FT-IR was performed to analyze the surface functional groups in each stage of material 

preparation (Figure 1A). Three spectra showed the same band at 580–640 cm-1, which 

corresponded to the stretching vibration of Fe-O, suggesting the presence of iron oxide. 

After modifying FA onto the surface of MNPs, we observed additional FT-IR vibration 

bands, including C-H stretching at 2974 cm–1, N-H bending and C=O stretching at 

1600–1700 cm–1, and N-H and O-H stretching at 3300–3500 cm–1. In the sample of 

M@FA-Os NPs, the signal of N-H bending at 1620–1630 cm-1 disappeared, and the 

peak of N-H stretching at approximately 3500 cm-1 was reduced, suggesting changes in 

the bonding of N-H within the structure of FA, and H atoms were replaced by Os during 

modification of M@FA NP by OsO4. New peaks at 1000–1300 cm-1 appeared for 

M@FA-Os NPs, assignable to the vibration signal of Os=N bonding appeared at 1000–

1300 cm-1 (32).  These results suggest that the deprotonation of N-H and coordination 

bonding occurred between folic acid and OsO4.  

To further detect binding between Os and FA, the peak intensity at the 580 cm–1 band 

assigned to the Fe-O mode of MNPs was normalized in each spectrum, and the 

spectrum of M@FA NPs was subtracted from the FT-IR spectrum of M@FA-Os and 

M/Os NPs (Figure 1B). The FT-IR spectrum of M@FA-Os NPs minus that of M@FA 
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NPs revealed observable signals at 1051 and 1089 cm–1, which corresponded to the 

stretching of Os=N (Figure 1B, red line) (32). No signals for Os=N bonding were 

obtained in the group without FA [mixed powder of MNPs with OsO4 (MNP/Os)], 

indicating that the remaining peaks at 1157, 1211, 1238, 2850, and 2920 cm–1 

corresponded to the vibration of Os=O (Figure 1B, black line) (33). X-ray photoelectron 

spectroscopy (XPS) was conducted to confirm the bonding model of FA-Os-DAB. 

Direct comparison of M@FA-Os and M@FA NPs revealed no significant shift in the 

binding energy in Fe 2p, O 1s, and N 1s, and the signal of Os in 4f was completely 

shielded because of overlap with the intense signal of Fe in 3p (Figure S1), which was 

contributed by iron (II,III) of MNPs (34). Therefore, a 1:1 stoichiometric mixture of 

FA and OsO4 without MNPs was found to be feasible for testing FA-Os coordination. 

Upon normalizing to C peak in 1s at 284.8 eV in the samples of FA and FA-Os, peaks 

were observed for Os in 4f at 51.6 and 54.4 eV (Figure 1C). Additionally,  the peak of 

N in 1s shifted from 399.5 to 399.9 eV (+0.4 eV) in the presence of OsO4, a 

differentiated peak of N=Os at 401.7 eV emerged, and the N-H peak at 398.8 eV 

decreased by approximately 4.4% comparing to the sample of FA, as analyzed using 

CASAXPS software (Figure 1D) (35), suggesting that N=Os bonds formed between 

FA and OsO4. X-ray diffraction measurement was performed to analyze the 

composition and crystal structure of the M@FA-Os NPs (Figure 1E). Six X-ray 

diffraction peaks were observed and centered at 2θ of 30.35, 35.57, 43.31, 53.73, 57.19, 

and 62.80, which corresponded to reflections of the (220), (311), (400), (422), (511), 

and (440) planes, respectively, of the Fe3O4 crystal with a cubic spinel structure. The 

diffraction patterns did not differ between M@FA-Os NPs and the original MNPs 

(JCPDS no. 19-629), suggesting that the composition was not changed by surface 

modification. Moreover, the structural morphology and particle size of M@FA-Os NPs 

were confirmed using high-resolution TEM. The morphology of M@FA-Os NPs, with 
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an irregular cubic platelet shape and sizes of 20–50 nm, was identical to that of the 

original MNPs (Figure 1F and S2). High-resolution TEM imaging of single M@FA-Os 

NP revealed obvious lattice fringes, with the d spacing calculated to be approximately 

0.25 nm; this result agrees well with the orientation of Fe3O4 (311) (Figure 1F). These 

results suggest that the morphology, size, composition, and fundamental properties of 

MNPs were the same before and after surface modification. 

 

5.2.2 Capture of DAB-polymerized bacteria using M@FA-Os NPs 

To examine whether the synthesized M@FA-Os NPs can specifically capture bacteria 

capable of polymerizing DAB, we performed TEM using a pair of model bacterial 

strains: EET-capable S. oneidensis MR-1 and EET-deficient bacteria E. coli K12. 

Because of the large number of cytochromes on the surface of MR-1, DAB can easily 

react to form a DAB polymer, even without the addition of an oxidant. The surface of 

S. oneidensis MR-1 with DAB polymerization was clearly stained with OsO4, showing 

a dark edge in the images (Figure 2A). Shewanella oneidensis MR-1 without and E. 

coli K12 with DAB polymerization did not show clear contrast at the cellular edge 

(Figure 2B-C), indicating that E. coli K12 has a much lower ability to polymerize DAB 

compared to S. oneidensis MR-1 with OMCs. Consistently, the application of M@FA-

Os NPs to DAB polymer-coated S. oneidensis MR-1 (PDAB@MR-1) led to the 

significant localization of M@FA-Os NPs at the cell surface using the optimized 

magnetic isolation step (Figure 2D). The aggregated particles of M@FA-Os NPs 

outlined the outer surface of a single cell of PDAB@MR-1, suggesting active 

interactions and selective binding of M@FA-Os NPs on the outer surface of DAB-

stained EET-capable bacteria (Figure 2E). In contrast, we did not detect the localization 

of M@FA-Os NPs aggregated on the bacterial surface for E. coli K12 treated with a 

rigorous washing process (Figure 2F). These data demonstrate that a linkage formed 
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between M@FA-Os NPs and the DAB polymer deposited on the cell surface of S. 

oneidensis MR-1. Direct conjugation of FA-Os and DAB polymer was examined 

without MNPs. The Os 4f signal did not greatly change in position and intensity 

compared to those of FA-Os and FA-Os-DAB, demonstrating stable coordination 

between FA and Os after the reaction with DAB polymer (Figure 2G). The O 1s signal 

from FA-Os significantly shifted from 531.5 to 532.1 (+0.6 eV), and the peak width 

broadened after DAB polymer addition, resulting in a peak intensity increase and 

decrease assignable to O-C and O=Os bonding, respectively (Figure 2H). Because the 

peak shift in the binding energy suggests a transition from a double to single bond in O 

1s (36), an O-C bond likely formed between FA-Os and DAB polymer via alkene 

oxidation, which typically occurs in OsO4 and alkene reactions (37). These data confirm 

that FA-Os are paired with DAB to form stable and specific linkages between Os-

exposed nanobeads and DAB-coated bacteria. 

To identify the optimized conditions for magnetic isolation, we examined various 

buffer solutions with different pH values and ionic strengths to minimize the surface 

charge-induced non-specific association between the nanobeads and bacteria, which is 

evaluated by the bacterial protein concentration. First, we adjusted the pH and ionic 

strength of the washing buffer solution to reduce the non-specific adhesion of 

nanobeads on the bacterial surface (0.5 M NaCl, pH 9) and enhance the specificity of 

DAB-coated S. oneidensis MR-1. However, no significant improvement in reversing 

the non-specific adhesion of nanobeads to E. coli K12 was observed (Figure 3A–B). In 

contrast, non-specific binding between the nanobeads and DAB-polymerized E. coli 

K12 (p < 0.001) and S. oneidensis MR-1 (p < 0.01) was significantly inhibited by using 

a neutral binding solution with an ionic strength of 0.005 M (Figure 3C). The zeta 

potential of M@FA-Os NPs significantly changed from positive (~+0.25 mV) to 

negative (~-0.35 mV). As the bacteria surface has a negative charge, there was no 
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electrostatic interaction between M@FA-Os NPs and bacteria (Figure 3D). The protein 

concentration of each sample after the optimized magnetic isolation corresponded with 

the differences in interactions between the nanobeads and various bacteria observed in 

TEM images (Figure 2D-F). 

When DAB-coated S. oneidensis MR-1 were magnetically isolated using M@FA-Os 

NPs under the optimized binding and washing buffer solutions, a >20-fold higher 

protein concentration was obtained as compared to that obtained when isolating DAB-

polymerized E. coli K12 (p < 0.001, data not shown). The concentrations of captured 

protein from DAB-coated S. oneidensis MR-1 versus DAB-polymerized E. coli K12 

using other nanobead types, including M@FA-Co NPs, M@FA NPs, M/Os NPs, and 

MNPs, were significantly lower than that obtained using M@FA-Os NPs (p < 0.0001) 

(Figure 4A). These results indicate that binding between the FA-osmium-DAB polymer 

is highly specific for S. oneidensis MR-1. For example, the non-covalent coordination 

pair between cobalt ion and FA was relatively unstable compared to that observed under 

the FA-Os condition, although CoCl2 is used as a tracer agent for DAB staining (38). 

This unstable interaction led to unsatisfactory capture in the M@FA-Co NP group. We 

further evaluated the relative efficiency of enrichment using DAB-coated and original 

S. oneidensis MR-1 under the same conditions as used in magnetic isolation (Figure 

4B). As expected, more protein was obtained from DAB-coated S. oneidensis MR-1 

than from the original S. oneidensis MR-1 (p < 0.01, data not shown). A result was 

consistent with the result of DAB-coated S. oneidensis MR-1 versus DAB-polymerized 

E. coli K12 when using other types of nanobeads, showing reduced enrichment of 

DAB-coated S. oneidensis MR-1 (p < 0.001) and supporting that the Fe-FA-Os-DAB 

linkage is essential for specifically capturing EET-capable bacteria. 

Enrichment of S. oneidensis MR-1 from a two-in-one solution (S. oneidensis MR-1 and 

E. coli K12) subjected to a DAB polymerization reaction was demonstrated in an 
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electrochemical assay. Significantly more electricity was produced by the EET-capable 

strain than by the EET-deficient strain (Figure 4C). Upon adding DAB working solution 

to the two-in-one bacterial solution, DAB polymer was generated and then deposited 

on the surface of S. oneidensis MR-1. These DAB-coated microbial cells were further 

enriched using the M@FA-Os NP-mediated magnetic isolation process and inoculated 

in LB medium until the OD600 reached 1.0 and removed most nanobeads. In the 

electrochemical measurement, the microbial current production (Ic) from the enriched 

sample increased significantly compared to that in the original two-in-one bacterial 

solution. This was attributed to the ratio of S. oneidensis MR-1 to E. coli K12 which 

increased after DAB-labeled magnetic separation (Figure 4D). Although the enriched 

sample contained a minority of E. coli K12 due to an unavoidable non-specific adhesion 

during the conjugation step, and E. coli K12 grew faster than S. oneidensis MR-1 under 

aerobic LB conditions at 30°C (Figure S3), the earlier rise of Ic was higher from the 

enriched sample than that from the original sample, evidenced that M@FA-Os NP-

mediated enrichment of MR-1 from the mixed culture was specific and feasible. No 

bioelectricity enhancement and additional oxidation current were detected in the 

electrochemical reactor containing S. oneidensis MR-1 mixed with and without 

nanobeads. (Figure S4). 

 

5.2.3 Current production in magnetically enriched inoculation from the soil 

sample 

To evaluate a natural sample, we applied our magnetic isolation approach to microbial 

consortia from soil sampled from a humus-abundant environment. In this environment, 

the ability of anaerobic metabolism or EET may be a key factor in the survival and 

activity of microbial cells (39). The various cellular morphologies observed in the TEM 

(Figure 5A–C) images indicated the presence of microbial consortia in the collected 
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soil sample. TEM showed that the nanobeads attached to the cell surface of cells, which 

was also observed in scanning electron microscopy (Figure 5D). The heterogeneous 

adhesion of nanobeads on specific bacteria likely reflects that different strains have 

different DAB polymerization abilities and microbial surface characteristics.  

To identify the taxa of microbial cells associated with MNPs, 16S rRNA gene-based 

community analysis of the magnetically isolated microbial culture was performed. To 

obtain a sufficient amount of DNA for 16S rRNA gene analysis, nanobead-conjugated 

bacteria were additionally incubated in LB under aerobic conditions for seven h, and 

the relative abundance of microbial species was compared with that in the original 

sample (Figure 6A). The relative abundance of Enterobacteriaceae and 

Enterobacterales increased by approximately 3- and 20-fold, respectively, compared 

with that in the original sample. In contrast, dominant species in the original sample, 

such as Comamonas, Microvirgula aerodenitrificans, and Planococcaceas, were 

present at very low levels (Figure S5).  

To examine whether the M@FA-Os NPs could enrich electrogenic bacteria, we 

performed single-potential amperometry in a LB medium at 30°C. As with 16S rRNA 

gene analysis, nanobeads were removed from the bacterial solution after incubation in 

LB under aerobic conditions. The Ic from cells enriched via magnetic isolation 

gradually increased to approximately 100–150 nA in 15 h and continued increasing for 

more than 35 h (Figure 6B). The original sample displayed an Ic peak at 10 nA in 5 h, 

and the Ic did not rise over 35 h (Figure 6B). After 35 h, the Ic of the enriched sample 

was 16-fold higher than that of the unprocessed sample. Given that electrogenic bacteria 

growth is associated with current production, the initial transition current in the original 

culture may not be attributable to EET but rather to electrode oxidation of the abiotic 

substrate in the LB medium. Furthermore, we incubated for more than a week to 

examine the stability of Ic for its implementation on MFCs (Figure 6C). While the Ic 
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from the original sample showed a steep decrease after the peak, the Ic did not decrease 

with the bacterial sample enriched by M@FA-Os NPs, demonstrating the higher 

stability of microbial current generation from the enriched sample. Consequently, the 

total electric charge was about twice higher with cells enriched with M@FA-Os NPs 

than the original sample (Figure 6C). High stability in Ic is most likely due to the 

colonization of electrogenic bacteria on the electrode, which may be suppressed by 

other bacteria in the original sample. Accordingly, DPV revealed the distinct oxidative 

signals peaked at-0.15 and -0.25 V in the original and enriched samples (Figure S6), 

respectively, suggesting that different redox substrates dominantly mediate current 

production. These data demonstrate the successful M@FA-Os NPs-mediated 

enrichment of electrogenic bacteria from environmental microbial consortia.  

To further support the conclusion, we performed alpha-diversity analysis, principal 

coordinate analysis (PCoA), and Venn diagram to estimate the difference between the 

original sample and the enriched sample using M@FA-Os NPs (Figure S6-S8). 

Amplicon sequencing was conducted to understand the differences in microbial 

communities by the enrichment of M@FA-Os NPs and the electrochemical cultivation. 

In total, 954,308 reads were obtained with a range of 73,857–113,334 reads for each 

sample (Table S2). Chao1 and Shannon index values of the original sample before and 

after the electrochemical incubation were at a similar level (Figure S7). In contrast, the 

values of the enriched sample before and after the electrochemical incubation were 

smaller than the original samples, which indicates less diversity of microbial 

communities. The results indicate that the process with M@FA-Os NPs clearly 

enriched specific microorganisms. Furthermore, the PCoA plot showed that the original 

sample and enriched samples before and after the electrochemical incubation formed 

separate clusters (Figure S8), indicating that M@FA-Os NPs and electrochemical 

cultivation contributed to the change of microbial community. Venn diagram presented 
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that some bacteria genera captured by M@FA-Os NPs also existed in the original and 

the enriched samples after electrochemical incubation, indicating these strains 

contributing to the current production from microbial consortia were enriched using 

M@FA-Os NPs (Figure S9). Accordingly, a positive correlation was observed for 

Enterobacterales, Lysinibacillus, and Paenibacillus anaericanus, (Figure 6D–F). Other 

species, such as Clostridium hydrogeniformass, Clostridium tertium, and 

Enterobacteriaceae, also exhibited positive correlations after electrode incubation, 

suggesting that these microbes are electrogenic bacteria (Figure S10). Consistently, 

Enterobacter cloacae SgZ-5T and Lysinibacillus sphaericus D-8 have been reported as 

electrogenic bacteria (40, 41). Given that Enterobacterales was enriched using the 

nanobeads, the positive correlation between current production and relative abundance 

of Enterobacterales supports that M@FA-Os NPs can enrich electrogenic bacteria 

without the need for electrochemical incubation. 

The relative abundance of other electrogenic candidates from the Venn diagram was 

not positively correlated with Ic. For example, the counts of Clostridioides, 

Paenibacillus, and Aeromonas showed an obvious negative correlation with the Ic at 

+0.2 V (Figure 6G and S9), probably indicating that extracellular electron uptake 

occurred during this anaerobic electrochemical measurement; indeed, Clostridium 

autoethanogenum and Clostridium pasteurianum DSM 525 were previously reported 

to uptake extracellular electrons (42, 43). Additionally, Bacillus sp., such as Bacillus 

megaterium LLD-1 and Bacillus cereus, are electrogenic bacteria but displayed a low 

correlation in our study, suggesting that the carbon source in the LB medium did not 

induce Bacillus sp. to generate a current, as these cells mainly uptake glucose which 

did not contain in LB medium (44, 45). 
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5.3 Discussion 

The incubation of electrogenic bacteria from the consortia by running MFCs requires a 

few weeks to enrich the electrogenic bacteria (Table S2). In contrast, our culture-free 

method for enriching electrogenic bacteria takes only minutes because we establish a 

specific adhesion system for capturing electrogenic bacteria by M@FA-Os NPs from 

the environment. Furthermore, enriched bacteria consortia by M@FA-Os NPs showed 

a larger current production and remarkably better stability than the original microbial 

consortia (Figure 6B-C). In addition, the fabrication of M@FA-Os NPs by modifying 

the surface of the commercial product of MNP is straightforward and cost-efficient. 

These properties of M@FA-Os NPs demonstrate the practical implementation of our 

method for improving power generation and stability in MFCs without long incubation 

and using expensive additives (46, 47).  By applying our DAB-Os covalently linking 

magnetic isolation strategy, electrogenic bacteria were enriched from an environmental 

soil sample with increased relative abundances of Enterobacteriaceae and 

Enterobacterales compared to those in the original sample, without an additional 

electrochemical incubation process. Enterobacter as a genus of the order 

Enterobacterales has served as a significant electrogenic bacteria in MFCs (48). Huang 

et. al. also reported Enterbactor, the only species representing the order of 

Enterobacterales, as a dominant species in MFCs (49). However, it took one year for 

the enrichment of Enterbactor to reach the relative abundance of 33.4%. On the other 

hand, our method can enrich Enterobacteriaceae and Enterobacterales to 76.1 and 

21.8%, respectively, in minutes before electrochemical measurement, and the relative 

abundance of Enterobacterales remained after electrochemical measurement. 

Furthermore, such quick enrichment also facilitates making decisions for the suitability 

of the environment or water source for MFCs application, which has been difficult 



 116 

before constructing and running the reactor, as demonstrated in numerous case studies 

(50-52). Rapid enrichment of environmental electrogenic bacteria by our method can 

accelerate the practical implementation of MFCs.  

The bacterial sample enriched using our method showed better stability in current 

production during electrochemical incubation for a week than the original soil sample, 

supporting the feasibility of our method applying to the system of MFCs.  The stability 

of power output in MFCs was enhanced by activating different metabolic pathways (53). 

However, because MFCs oxidize various substrates from natural or industrial water 

sources, the activation of specific metabolic pathways is not realistic for practical MFC 

application. Our results suggested that the enrichment of EET-capable bacteria via 

nanobeads is a potential strategy to stabilize microbial power generation in real MFCs. 

The covalent binding between OsO4 and the DAB polymer on the bacterial surface may 

be crucial for capturing electrogenic bacteria. Upon the addition of OsO4, the brown 

DAB polymer immediately changes to an “Os black” form as a product of Os(IV) or 

Os(VI) (54). Additionally, OsO4 with its oxidative ability can easily react with a carbon-

carbon double bond (C=C) to form an Os ester (55). Thus, Os(VIII)O4 may oxidize 

C=C onto the DAB polymer and be reduced to an Os(IV)O4-DAB or Os(VI)O4-DAB 

structure (Scheme S1). Therefore, when M@FA-Os NPs are added to DAB-covered 

bacteria, two oxygens on M@FA-Os NPs can react with DAB to form an Os(IV) ester. 

Consistent with our results, DAB-covered bacteria were not washed away from the Os-

grafted MNPs, even under electrostatically unfavorable conditions in which non-

specific adhesion of bacteria was successfully minimized. Given that the FT-IR 

spectroscopy revealed the formation of Os=N from Os=O upon grafting of OsO4 onto 

M@FA NPs (Figure 1B), the efficiency of capturing DAB-polymer-coated bacteria was 

improved through the conservation of the number of Os=O ligands. In the present study, 

we suppressed the non-specific binding of nanobeads to K12 and MR-1 in the absence 
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of DAB polymer. The binding of MR-1 in the absence of DAB polymer with nanobeads 

can be easily removed during the washing step (Figure 3A-B). On the other hand, non-

specific binding of K12 with nanobeads only can be suppressed during the binding step 

with the specific ionic strength of the buffer (Figure 3C).  Previous studies showed that 

K12 could attach to the substrate and form an irreversible adhesion within 30 min (56, 

57). K12 with adhesive fimbriae (~1 μm) can strengthen the contact between bacteria 

and substrates, suggesting that K12 might interact with nanobeads (20–50 nm) during 

the binding process, which results in irreversible conjugation between both and being 

impossible to separate them during washing process (58). Therefore, a suitable buffer 

used in the binding process is essential to provide large electrostatic repulsion between 

nanobead and K12, thus reducing the condition of non-specific conjugation (58). 

 

5.4 Conclusion 

In the present study, we developed a quick enrichment method for accelerating 

electrogenic bacteria from the environment, which simplifies the process of the 

enrichment of electrogenic bacteria and enhances the efficiency and stability of 

microbial current production. Compared to conventional methods, this method is 

simple and inexpensive and can be implemented in MFCs, which is expected to 

contribute to its practical application. Furthermore, since the M@FA-Os NPs target 

DAB polymerized electrogenic bacteria with electron transfer proteins potentially with 

any transient metal centers, our method also may facilitate identifying the novel types 

of genes that are critical for the EET mechanism via further analyzing taxa and genetic 

information from the enriched electrogenic bacteria. Therefore, the present method 

enables the practical implementation of improving the efficiency of MET systems and 

increasing our understanding of microbial electron transport mechanisms. 
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5.5 Materials and methods 

Reagents and material 

Iron(II,III) oxide nanoparticles (Fe3O4 NPs, 97%), DAB [(C6H3(NH2)2)2, 98%], OsO4 

(4%), and CelLytic™ B cell Lysis were purchased from Sigma-Aldrich (St. Louis, MO, 

USA). FA (C19H19N7O6, 98%) was from Nacalai Tesque (Kyoto, Japan). NaOH (97%), 

NaCl (99.5%), HEPES (C8H18N2O4S, 99%), sodium bicarbonate (NaHCO3, 99.5%), 

NH4Cl (99.5%), magnesium chloride hexahydrate (MgCl2⋅6H2O, 98%), calcium 

chloride dihydrate (CaCl2⋅2H2O, 99.9%), and cobalt(II) chloride hexahydrate 

(CoCl2⋅6H2O, 99%) were obtained from Wako (Osaka, Japan). Ultra-purified water 

(double-distilled water, DDW) was obtained using a Direct-Q® 5 UV Remote Water 

Purification System (Millipore, Billerica, MA, USA). LB medium and yeast extract 

were from BD Biosciences (Franklin Lakes, NJ, USA). 

 

Preparation of M@FA-Os NPs  

Controlled functionalization of MNPs was performed using FA and OsO4 solutions. 

After dispersing 0.06 g Fe3O4 NPs into 30 mL DDW, 0.1 M FA in 1 mL of 5.0N NaOH 

at pH 13 was added to the solution; this mixture was stirred for 18 h in the dark and at 

25°C to form FA-modified Fe3O4 NPs (M@FA NPs). The sample was collected by a 

magnetic rack for 1 min, and the pellet of M@FA NPs was resuspended in DDW. After 

washing the M@FA NPs at least three times with DDW, they were dispersed in 30 mL 

DDW, and 10.0 mL of 1% OsO4 solution was added, followed by intense stirring at 

room temperature for four h to form osmium-exposed Fe3O4 NPs (M@FA-Os NPs). 

The M@FA-Os NPs were washed at least three times, as described above. The final 

samples were stored in 1 mL DDW until use. To prepare M@FA-Co, the protocol was 

https://www.google.com/search?rlz=1C1FQRR_zh-TWJP932JP932&sxsrf=ALiCzsYfa1BoFuRvM6NSHKKuNf1DrBmATQ:1652955636422&q=St.+Louis&stick=H4sIAAAAAAAAAOPgE-LUz9U3sLC0SK5U4gAxzcoryrW0spOt9POL0hPzMqsSSzLz81A4VhmpiSmFpYlFJalFxYtYOYNL9BR88kszi3ewMu5iZ-JgAAA0eMfcVwAAAA&sa=X&ved=2ahUKEwiw_KbMq-v3AhXNwosBHU2TDagQmxMoAXoECEsQAw
https://www.google.com/search?rlz=1C1FQRR_zh-TWJP932JP932&sxsrf=ALiCzsYfa1BoFuRvM6NSHKKuNf1DrBmATQ:1652955636422&q=St.+Louis&stick=H4sIAAAAAAAAAOPgE-LUz9U3sLC0SK5U4gAxzcoryrW0spOt9POL0hPzMqsSSzLz81A4VhmpiSmFpYlFJalFxYtYOYNL9BR88kszi3ewMu5iZ-JgAAA0eMfcVwAAAA&sa=X&ved=2ahUKEwiw_KbMq-v3AhXNwosBHU2TDagQmxMoAXoECEsQAw
https://www.google.com/search?rlz=1C1FQRR_zh-TWJP932JP932&sxsrf=ALiCzsYfa1BoFuRvM6NSHKKuNf1DrBmATQ:1652955636422&q=St.+Louis&stick=H4sIAAAAAAAAAOPgE-LUz9U3sLC0SK5U4gAxzcoryrW0spOt9POL0hPzMqsSSzLz81A4VhmpiSmFpYlFJalFxYtYOYNL9BR88kszi3ewMu5iZ-JgAAA0eMfcVwAAAA&sa=X&ved=2ahUKEwiw_KbMq-v3AhXNwosBHU2TDagQmxMoAXoECEsQAw
https://www.google.com/search?rlz=1C1FQRR_zh-TWJP932JP932&sxsrf=ALiCzsZSW7-hzUyRMkQDnKWzfdy2beffig:1652955933019&q=Kyoto&stick=H4sIAAAAAAAAAOPgE-LWT9c3NDKqii9Ky1Hi0M_VN7BMMYnXMsoot9JPzs_JSU0uyczP088vSk_My6xKBHGKrTJSE1MKSxOLSlKLihVy8pPBwotYWb0r80vyd7Ay7mJn4mAAANHLFiJdAAAA&sa=X&ved=2ahUKEwjD4t3ZrOv3AhVR8WEKHWsfDVAQmxMoAXoECDwQAw
https://www.google.com/search?rlz=1C1FQRR_zh-TWJP932JP932&sxsrf=ALiCzsZSW7-hzUyRMkQDnKWzfdy2beffig:1652955933019&q=Kyoto&stick=H4sIAAAAAAAAAOPgE-LWT9c3NDKqii9Ky1Hi0M_VN7BMMYnXMsoot9JPzs_JSU0uyczP088vSk_My6xKBHGKrTJSE1MKSxOLSlKLihVy8pPBwotYWb0r80vyd7Ay7mJn4mAAANHLFiJdAAAA&sa=X&ved=2ahUKEwjD4t3ZrOv3AhVR8WEKHWsfDVAQmxMoAXoECDwQAw
https://www.google.com/search?rlz=1C1FQRR_zh-TWJP932JP932&sxsrf=ALiCzsZSW7-hzUyRMkQDnKWzfdy2beffig:1652955933019&q=Kyoto&stick=H4sIAAAAAAAAAOPgE-LWT9c3NDKqii9Ky1Hi0M_VN7BMMYnXMsoot9JPzs_JSU0uyczP088vSk_My6xKBHGKrTJSE1MKSxOLSlKLihVy8pPBwotYWb0r80vyd7Ay7mJn4mAAANHLFiJdAAAA&sa=X&ved=2ahUKEwjD4t3ZrOv3AhVR8WEKHWsfDVAQmxMoAXoECDwQAw
https://www.google.com/search?rlz=1C1FQRR_zh-TWJP932JP932&sxsrf=ALiCzsZSW7-hzUyRMkQDnKWzfdy2beffig:1652955933019&q=Kyoto&stick=H4sIAAAAAAAAAOPgE-LWT9c3NDKqii9Ky1Hi0M_VN7BMMYnXMsoot9JPzs_JSU0uyczP088vSk_My6xKBHGKrTJSE1MKSxOLSlKLihVy8pPBwotYWb0r80vyd7Ay7mJn4mAAANHLFiJdAAAA&sa=X&ved=2ahUKEwjD4t3ZrOv3AhVR8WEKHWsfDVAQmxMoAXoECDwQAw
https://www.google.com/search?sa=X&bih=969&biw=1920&rlz=1C1FQRR_zh-TWJP932JP932&hl=en&sxsrf=ALiCzsYCusLt_y3zk1eDIesycC9eVMXplQ:1652956322975&q=Franklin+Lakes&stick=H4sIAAAAAAAAAOPgE-LUz9U3MCozKDZV4gAxK7ILK7S0spOt9POL0hPzMqsSSzLz81A4VhmpiSmFpYlFJalFxYtY-dyKEvOyczLzFHwSs1OLd7Ay7mJn4mAAANNwBhlcAAAA&ved=2ahUKEwjd7NaTruv3AhV2pFYBHaAxAKsQmxMoAXoECFcQAw
https://www.google.com/search?sa=X&bih=969&biw=1920&rlz=1C1FQRR_zh-TWJP932JP932&hl=en&sxsrf=ALiCzsYCusLt_y3zk1eDIesycC9eVMXplQ:1652956322975&q=Franklin+Lakes&stick=H4sIAAAAAAAAAOPgE-LUz9U3MCozKDZV4gAxK7ILK7S0spOt9POL0hPzMqsSSzLz81A4VhmpiSmFpYlFJalFxYtY-dyKEvOyczLzFHwSs1OLd7Ay7mJn4mAAANNwBhlcAAAA&ved=2ahUKEwjd7NaTruv3AhV2pFYBHaAxAKsQmxMoAXoECFcQAw
https://www.google.com/search?sa=X&bih=969&biw=1920&rlz=1C1FQRR_zh-TWJP932JP932&hl=en&sxsrf=ALiCzsYCusLt_y3zk1eDIesycC9eVMXplQ:1652956322975&q=Franklin+Lakes&stick=H4sIAAAAAAAAAOPgE-LUz9U3MCozKDZV4gAxK7ILK7S0spOt9POL0hPzMqsSSzLz81A4VhmpiSmFpYlFJalFxYtY-dyKEvOyczLzFHwSs1OLd7Ay7mJn4mAAANNwBhlcAAAA&ved=2ahUKEwjd7NaTruv3AhV2pFYBHaAxAKsQmxMoAXoECFcQAw
https://www.google.com/search?sa=X&bih=969&biw=1920&rlz=1C1FQRR_zh-TWJP932JP932&hl=en&sxsrf=ALiCzsYCusLt_y3zk1eDIesycC9eVMXplQ:1652956322975&q=Franklin+Lakes&stick=H4sIAAAAAAAAAOPgE-LUz9U3MCozKDZV4gAxK7ILK7S0spOt9POL0hPzMqsSSzLz81A4VhmpiSmFpYlFJalFxYtY-dyKEvOyczLzFHwSs1OLd7Ay7mJn4mAAANNwBhlcAAAA&ved=2ahUKEwjd7NaTruv3AhV2pFYBHaAxAKsQmxMoAXoECFcQAw
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the same as that described above, except that the OsO4 was replaced with CoCl2. The 

methods used to characterize the materials, including powder X-ray diffraction, Fourier 

transform infrared (FT-IR) spectroscopy, X-ray photoelectron spectroscopy, and TEM, 

are presented in Supporting Information I.  

 

Cultivation of bacteria  

Shewanella oneidensis MR-1 and E. coli K12 were cultured in 10 mL sterilized LB 

medium at 30°C and 37°C, respectively, for 20 h. Before use in all experiments, the 

culture samples were washed at least three times with a defined medium (DM), 

prepared as described below, with repeated centrifugation (7000 rpm, 5 min), and then 

resuspended in fresh DM. The OD600 of the cell suspension was set to 1.0; these samples 

were used in the DAB polymerization reaction. 

The DM was prepared by adding NaCl (10 g L–1), HEPES (7.2 g L–1), NaHCO3 (2.5 g 

L–1), NH4Cl (1.0 g L–1), MgCl2⋅6H2O (0.2 g L–1), CaCl2⋅2H2O (0.08 g L–1), and 0.5 g 

L–1 yeast extract in 1 L DDW, followed by standard sterilization in an autoclave. 

 

2.4. DAB polymerization on the bacteria surface  

To prepare the DAB working solution, 0.0057 g DAB was dissolved in 0.105 mL of 

0.1 M HCl solution and sonicated for 30 min; next, 3.695 mL of 0.05 M Tris-HCl (pH 

8.0) was added to the previous solution and sonicated for 15 min. The solution was 

filtered through a 0.22-μm filter to obtain the DAB working solution. 

DAB working solution (1.5 mL) was added to 1 mL of S. oneidensis MR-1 and E. coli 

K12 at an OD600 of 1.0, and the sample solution was blended for 30 min. In the S. 

oneidensis MR-1 group, the solution color gradually became brown during the reaction 

as the DAB polymer formed. No color was formed in the E. coli K12 group during the 
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reaction. After the reaction, the bacterial sample was washed at least three times using 

DDW. 

The procedures used to characterize the bacterial samples, including TEM, scanning 

electron microscopy, and zeta potential measurement, are presented in Supporting 

Information I. 

 

Determination of an optimized buffer system for binding and washing processes  

The OD600 of the bacterial solutions of S. oneidensis MR-1 and E. coli K12 was adjusted 

to 0.25 in 1 mL of binding buffer (water and PBS at concentrations of 0.001, 0.005, 

0.02, 0.05, or 0.1 M and pH 3, 5, 7, 9, or 11). M@FA-Os NPs (10 μL) were added to 

the above bacterial solution and gently shaken for 30 min to conjugate the DAB-marked 

bacteria. The M@FA-Os NPs could not conjugate to the DAB-unmarked bacteria S. 

oneidensis MR-1 without DAB coating and to DAB polymerization-treated E. coli K12. 

After shaking, the solution was placed on a magnet for 1 min to concentrate the 

nanobead-conjugated bacteria and remove unbound bacteria. The nanobead-conjugated 

bacteria were washed twice with various elution buffer solutions containing 0.02 M 

Tris-HCl and different concentrations of NaCl (0, 0.1, 0.5, and 1.0 M) at different pH 

values (3, 5, 7, 9, and 11). Based on these tests, the optimal binding and elution 

conditions were determined as 0.005 M PBS as the binding buffer (pH 7) and 0.02 M 

Tris-HCl + 0.5 M NaCl as the elution buffer. 

 

Magnetic separation of EET-involved bacteria from the natural bacterial community 

The environmental soil sample was sourced from Fukushima, Japan. The soil sample 

(0.5 g) was mixed with 10 mL DDW and filtered using a ten μm filter to remove large 

impure particles. After washing three times with DDW, the sample was inoculated into 

a sterilized LB medium to enrich the bacteria. This step was followed by DAB 
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polymerization, nanobead binding, and magnetic separation, as described above, to 

capture EET-capable bacteria from the soil-source microbiomes. 

 

Bicinchoninic acid assay  

The pellet of the nanobead-conjugated bacteria was resuspended in 30 μL CelLytic™ 

B cell Lysis solution and sonicated for 30 min to lyse the cells. The total protein 

concentration of the lysis solution was determined using a bicinchoninic acid assay kit 

(see the detailed procedure in Supporting Information I). 

 

Whole-cell electrochemistry  

The bacteria captured with the nanobeads were cultured in 2 mL of sterilized LB 

medium under aerobic conditions. To capture samples from a mixture of MR-1 and 

K12, when the OD600 of the culture reached approximately 1.0, the samples were 

washed twice with DM containing 10 mM lactate. The nanobeads were removed using 

a magnetic rack. The final samples were adjusted to an OD600 of 1.0 with DM 

containing 10 mM lactate. The environmental samples were washed twice with a 

sterilized LB medium. The final samples were adjusted to an OD600 of 0.5 with a 

sterilized LB medium. The cell suspensions (200 μL) were loaded onto printed 

electrodes, and single-potential amperometry was performed using a potentiostat (VMP 

3; BioLogic, Seyssins, France), at an electrode potential of +0.2 V versus an Ag 

reference electrode at 30°C. The background current from a LB medium was subtracted 

before averaging the microbial current production for each sample. A screen-printed 

electrochemical array composed of 96 three-electrode electrochemical cells (DRP311L 

(U100), Metrohm, DropSens, Tokyo, Japan) was used for electrochemical 

measurement and had a surface area of 0.21 cm2. The working, counter, and reference 

electrodes of the printed electrode were carbon, carbon, and silver, respectively. 
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Another electrochemical measurement was performed in single-chamber, three-

electrode reactors. Indium Tin Oxide (ITO)-deposited glass substrate (3.14 cm2), a 

platinum wire, and Ag/AgCl (sat. KCl) were used as working, counter, and reference 

electrodes, respectively. The bacterial samples were adjusted to an OD600 of 1.0 with 5 

mL of DM containing 10 mM lactate, and the potential on the working electrode was 

set at +0.2 V versus an Ag/AgCl reference electrode at 30°C. All mediums were purged 

with nitrogen for 30 minutes before being loaded into the electrochemical measurement. 

Differential pulse voltammetry (DPV) was conducted with ITO systems by sweeping 

electrode potential from positive to negative region with an automatic polarization 

system, using 5.0 mV or −5.0 mV pulse increments, 50 mV pulse amplitude, and 100 

ms pulse width, and a 5.0 s pulse period. Background current was subtracted using 

SOAS software which fits the baseline from regions sufficiently far from the peak, 

assuming continuation of a similar and smooth charging current throughout the peak 

region (59). 

 

16S rRNA gene sequencing analysis  

The culture was centrifuged at 16,000 ×g for 5 min, and the supernatant was discarded. 

The cell pellet was resuspended in 750 μL DNA/RNA shield solution, and DNA was 

extracted using a ZymoBIOMICS DNA/RNA Miniprep Kit (Zymo Research, Irvine, 

CA, US) according to the manufacturer’s protocol. The DNA concentration was 

measured using a Qubit™ dsDNA HS assay kit (Thermo Fisher Scientific, Waltham, 

MA, USA) and Qubit™ 4 fluorometer (Thermo Fisher Scientific). Partial 16S rRNA 

genes (V4–V5 regions) were amplified using PCR with the primer set 530F (5′-

CCATCTGTTCCCTCCCTGTCTCAG-3′) and 907R (5′-

CCTATCCCCTGTTGCGTGTCTCAG-3′) (60). The addition of multiplexing 

indices/Illumina sequencing adapters (Illumina, San Diego, CA, USA) and purification 
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were performed as described previously (61). Amplicons were sequenced using an 

Illumina MiSeq platform and MiSeq v3 reagent (Illumina) as the 300 bp end according 

to Illumina’s standard protocol. Raw FASTQ files were de-multiplexed based on their 

unique barcodes using the QIIME 2 demux plugin (62). De-multiplexed sequences from 

each sample were treated using the QIIME 2 dada2 plugin to yield the feature table (63). 

The QIIME 2 feature-classifier plugin was used to align feature sequences to a pre-

trained SILVA-138 99% database to generate the taxonomy table (64).  

 

2.10. Statistical analysis  

Statistical analysis was performed by using Student’s t-test or one way ANOVA using 

SPSS Software (IBM, Armonk, New York, USA). A p-value of < 0.05 will be 

considered statistically significant. *: P < 0.05; **: P < 0.01; ***: p < 0.001; ****: p < 

0.0001) 
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5.6 Figures 

 

Scheme 1. Preparation of Osmium-Exposed Magnetic Nanoparticles (M@FA-Os 
NPs) and Workflow for Selective Isolation of Electrogenic Bacteria 

(A) Schematic illustration of sequential surface modification of magnetic nanoparticles 

(MNPs) using folic acid (FA) and osmium tetroxide (OsO4) to form osmium-exposed 

MNPs (M@FA-Os NPs). (B) Experimental procedure applied to capture and isolate 

electrogenic bacteria from a mixture using M@FA-Os NPs as follows: (1) The 

electrogenic bacteria were coated with a DAB polymer after outer membrane 

cytochrome (OMC)-catalyzed DAB polymerization. (2) M@FA-Os NPs were added to 

bind with DAB polymer-coated bacteria. (3) Electrogenic bacteria bound to M@FA-

Os NPs were concentrated and isolated using a remote magnet. 
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Figure 1. Characterization of nanobeads using Fourier-transform infrared 
spectroscopy (FT-IR), X-ray photoelectron spectroscopy (XPS), X-ray diffraction 
(XRD), and transmission electron microscopy (TEM).  

(A) Absorbance FT-IR spectrum of folic acid, osmium tetroxide, magnetic 
nanoparticles (MNPs), MNPs conjugated with folic acid (M@FA NPs), and MNPs 
conjugated with osmium tetroxide and FA (M@FA-Os NPs). (B) Difference FT-IR 
spectrum of M@FA-Os NPs minus M@FA NPs and MNP/Os minus M@FA NPs. XPS 



 126 

spectra of a 1:1 stoichiometric mixture of FA and OsO4 without MNPs and FA 
displaying binding energy signals of (C) Os 4f and (D) N 1s. (E) Crystalline and 
composition analysis of MNPs and M@FA-Os NPs, as assessed from powder X-ray 
diffraction patterns. (F) TEM images of M@FA-Os NPs. The high magnification image 
in the inset (black frame) shows M@FA-Os NPs with evident lattice fringes, indicating 
crystal planes of (311). Higher magnification of the area in Figure 1F is marked using 
a blue frame. 
 

 

Figure 2. Evaluation of the effect of DAB polymerization for targeting 
electroactive bacteria.  

Transmission electron microscopy (TEM) images of (A) DAB-stained Shewanella 
oneidensis MR-1, (B) Shewanella oneidensis MR-1 without DAB staining, and (C) 
DAB-stained E. coli K12. The efficiency of nanobead deposition onto the bacteria 
surface. TEM images of (D) cells and (E) a single cell for DAB-polymerized S. 
oneidensis MR-1 with nanobeads and (F) DAB-treated E. coli K12 cells with 
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nanobeads. X-ray photoelectron spectra of folic acid and osmium tetroxide-conjugated 
DAB (FA-Os-DAB) and FA-Os without magnetic nanoparticles showing the binding 
energies of (G) Os 4f and (H) O 1s. 

 

Figure 3. Effect of washing and binding conditions on protein concentration after 
processing with magnetic nanoparticles conjugated with folic acid and osmium 
tetroxide (M@FA-Os NPs).  

(A–B) The binding condition was fixed with ultrapure water at pH 7, and the washing 
condition was modified as follows: (A) ionic strength (NaCl 0, 0.1, 0.5, and 1.0 M with 
0.02 M Tris-HCl at pH 9) and (B) pH 3, 5, 7, 9, and 11 with 0.02 M Tris-HCl + 0.5 M 
NaCl. The ratios of the protein concentration of the DAB polymer-coated S. oneidensis 
MR-1 (PDAB@MR-1) and those of S. oneidensis MR-1 and DAB-treated E. coli K12 
were compared. (C) The washing condition was fixed as 0.02 M Tris-HCl + 0.5 M 
NaCl, pH 9, whereas the binding condition was modified by using different ionic 
strengths (0, 0.001, 0.005, 0.02, 0.05, and 0.1 M PBS) at pH 7. The ratios of the protein 
concentration of the PDAB@MR-1 and those of S. oneidensis MR-1 and DAB-treated 
E. coli K12 were compared (ns: no significance, **p < 0.01 and ***p < 0.001). (D) 
Zeta potential evaluation of M@FA-Os NPs and bacteria: PDAB@MR-1, S. oneidensis 
MR-1, and E. coli K12. 
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Figure 4. Enrichment of S. oneidensis MR-1 cells using magnetic nanoparticles 
(MNPs) conjugated with folic acid and osmium tetroxide (M@FA-Os NPs). 

The capture efficiency was determined by quantifying the protein from the lysed 
bacterial sample. The ratio of the protein level in DAB-polymerized S. oneidensis MR-
1 to that in (A) DAB-treated E. coli K12 or (B) original S. oneidensis MR-1 captured 
using different materials was evaluated (****p < 0.0001 and ***p < 0.001, n = 3) (C) 
Cathodic current production by S. oneidensis MR-1 and E. coli K12 is depicted by red 
and black lines, respectively. (D) Anodic current monitoring conducted on printed 
electrodes poised at +0.2 V with lactate as the sole electron donor in an anaerobic 
chamber at 30°C. The different groups included DAB-polymerized S. oneidensis MR-
1 before and after enrichment from the two-in-one sample solution and E. coli K12, 
depicted as blue, red, and black curves, respectively. The light blue, red, and gray error 
bars represent the standard error of the means in DAB-polymerized S. oneidensis MR-
1 before and after enrichment from the two-in-one sample solution and E. coli K12, 
respectively (n = 3). 
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Figure 5. Morphological Characterization of the DAB-Polymerized Bacterial 
Community Processed with M@FA-Os Nanoparticles 

(A–C) Transmission electron microscopy (TEM) and (D) scanning electron 
microscopy images of a bacterial community after treatment with DAB polymerization 
and processing with magnetic nanoparticles conjugated with folic acid and osmium 
tetroxide (M@FA-Os NPs). The black arrows indicate the heterogeneous attachment of 
nanobeads onto the different bacterial strains. The white arrows in D indicated the 
positions of nanobeads with significantly brighter contrast contributed by the higher 
conductivity. 
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Figure 6. Microbial Composition and Electrochemical Response of Magnetically 
Enriched Bacterial Communities Using M@FA-Os Nanoparticles 

(A) Relative abundance of microbial 16S rRNA sequences classified using the Miseq 
system. “Captured” is the sample treated by magnetic nanoparticles conjugated with 
folic acid and osmium tetroxide (M@FA-Os NPs) before electrochemical measurement. 
“Original” is the sample that was not treated using our method. Electrochemical 
incubation (EI)-captured and EI-original are the Captured and Original samples 
enriched after EI for 35 h, respectively. (B) Anodic current (Ic) versus time 
measurements conducted on printed electrodes poised at +0.2 V with the LB medium 
in an anaerobic chamber at 30°C. The Ic time profile from the Captured and Original 
samples are depicted using red and black lines, respectively. The error bars represent 
the standard error of the means (n = 3). (C) Representative long-term Ic time course 
from the Captured and Original samples. Anodic current monitoring on indium tin 
oxide electrodes poised at +0.2 V with lactate as a sole electron donor under anoxic 
conditions at 30°C. The data shown here are Ic for 170 h after the first current 
saturation in the Captured and Original samples. Medium exchange at 35 (number 
1) and 110 h (number 3) and differential pulse voltammograms at 80 (number 2) and 
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160 h (number 4) are highlighted. Charge (Q) in the inset calculated from the Ic of the 
Original and Captured samples during electrochemical incubation for 170 h (n=3). (*p 
<0.05). Plots of Ic at 35 h versus relative abundance from (D) Enterobacterales, (E) 
Lysinibacillus, (F) Paenibacillus anaericanus, and (G) Clostridioides (n = 7). 

5.7 Supporting information 

Detailed Experimental Protocol 

Powder X-ray diffraction  

Powder X-ray diffraction measurement was performed using an RINT-Ultima III 

(Rigaku, Tokyo, Japan) at 40 kV and 40 mA to determine the crystallographic structure 

of magnetic nanoparticles (MNPs) and MNPs grafted with osmium via folic acid 

(M@FA-Os NPs). MNPs and M@FA-Os NPs (0.1 g) were dried using a t-BuOH freeze 

dryer. 

 

FT-IR spectroscopy  

Fourier-transform infrared (FT-IR) spectra were obtained using an IRTracer-100 

(Shimadzu, Kyoto, Japan). Nanobeads were dried using a t-BuOH freeze dryer and 

mixed with KBr to prepare the sample disk for further measurement under a N2-filled 

environment. 

 

X-ray photoelectron spectroscopy  

PHI 5000 VersaProbe II (ULVAC-PHI, Kanagawa, Japan) was used to obtain the X-

ray photoelectron spectra of folic acid (FA), FA-Os, FA-Os-DAB, M@FA, and 

M@FA-Os NPs. To prepare FA-Os and FA-Os-DAB analytes, 0.16 M FA and OsO4 

were stoichiometrically mixed and sonicated for 1 h to form FA-Os. DAB monomer in 

DDW (1 mL; 0.16 M) was prepared and mixed with 0.1 mL H2O2 (30%), followed by 

mild agitation for 1 h to generate the DAB polymer. The as-prepared FA-Os and DAB 
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polymer were mixed and then stirred for 30 min to form the FA-Os-DAB sample. All 

analytes were separately dropped on indium tin oxide glass substrates to form a thin 

film for XPS measurement. CasaXPS Version 2.3.25PR1.0 software was used to 

analyze the XPS results. 

 

TEM  

The size, morphology, and crystal structure of M@FA-Os NPs and bio-samples were 

directly characterized using transmission electron microscopy (TEM; JEOL JEM2100F, 

Tokyo, Japan) at 200 kV. A colloid of nanobeads was prepared in 99% ethanol and then 

dropped onto carbon-coated copper grids (300 mesh), which were incubated overnight 

at 25°C to obtain the dried sample for further observation. Microbial samples (with 

M@FA-Os NPs) for TEM were prepared as described by Deng et al. (12). Shewanella 

oneidensis MR-1 (DAB), Shewanella oneidensis MR-1, and E. coli K12 (DAB) were 

centrifuged at 7300 ×g  for 5 min. The pellets were mixed with 0.4 mL OsO4 and gently 

rotated for 1 h (this step was skipped for the binding of bacteria with M@FA-Os NPs). 

The bacterial samples were washed three times with HEPES buffer solution and the cell 

pellets were dehydrated through multi-step immersion in a gradient of ethanol (25, 50, 

75, and 99%) for 20 min per step. Resin samples were prepared as described by 

McGlynn et al. (13). Cell pellets after dehydration were immersed in a solution 

containing 50% LR white resin and 50% ethanol for 1 h. The pellets were collected by 

centrifugation and immersed in 100% LR white resin for 1.5 h. The cell samples were 

centrifuged, mixed with 100% LR white resin, and incubated under vacuum condition 

for 20 min to remove all the residual ethanol. The samples were incubated in an oven 

at 60°C for 48 h to form resin with bacteria inside. A microtome was applied to cut the 

resin samples into sections for observation using TEM. The resin samples were trimmed 
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using a glass knife and sectioned using a diamond knife (Sumi knife type SK 1045; 

Sumitomo Electric Hardmetal Itami, Hyogo, Japan) at a speed of 1.0 mm s–1 and 

thickness of 70 nm.  

 

SEM  

The morphology of bacteria capable of extracellular electron transfer (EET) conjugated 

with M@FA-Os NPs was directly characterized using an analytical field emission 

scanning electron microscope (Zeiss AURIGA FE-SEM/FIB/EDX, Oberkochen, 

Germany). The bio-samples were prepared as described in the TEM section above. 

These samples were placed on copper grids with platinum coating at 1 kV and 4 mA 

under vacuum for 180 s and then measured using scanning electron microscopy (SEM). 

 

Zeta potential measurement  

Zeta potentials of 1.0 mg mL–1 of M@FA-Os NPs at different ionic strengths and pH 

levels were measured using a Zeta-potential and Particle size Analyzer ELSZ-2000 

(Otsuka, Chiyota, Tokyo, Japan). To observe the zeta potential difference for samples 

at various ionic strengths and pH, 100 μL of bacterial sample (OD600 of 1.0) was added 

to 1 mL double distilled water (DDW) or phosphate-buffered saline (PBS) at different 

concentrations (0.001, 0.005, 0.02, 0.05, and 0.1 M) and different pH levels (3, 5, 7, 9, 

and 11). 

 

BCA assay  

The Pierce BCA Protein Assay Kit (Thermo Fisher Scientific, Waltham, MA, USA) 

was used according to the manufacturer’s instructions (65) Briefly, BCA Reagent A 

was mixed with BCA Reagent B (Reagent A:B = 50:1), and 200 μL of the BCA Reagent 

A and B mixture was added into each well of a 96-well microplate. Standard solutions 

https://www.google.com/search?rlz=1C1FQRR_zh-TWJP932JP932&sxsrf=ALiCzsZdC_A5OsmKUK_QET7k-jqHRUh2fg:1652957273234&q=Itami&stick=H4sIAAAAAAAAAOPgE-LWT9c3NDKqzDCrqlLi1M_VNzAsz8sq1DLKKLfST87PyUlNLsnMz9PPL0pPzMusSgRxiq0yUhNTCksTi0pSi4oVcvKTwcKLWFk9SxJzM3ewMu5iZ-JgAADvRn9bXgAAAA&sa=X&ved=2ahUKEwigiubYsev3AhXNtlYBHWrIBmQQmxMoAXoECEYQAw
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containing different protein concentrations were prepared to draw a calibration curve. 

The samples and standards (20 μL each) were added to each well. The 96-well 

microplate was incubated at 37°C for 1 h, after which a microplate reader SH-9000 

(Corona Electric, Hitachinaka, Ibaraki, Japan) was used to measure the absorbance at 

562 nm. The absorbance of the samples was converted to the protein concentration 

using the calibration curve drawn using the standards. 
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Supplementary Figures 

 
Figure S1. XPS spectra of M@FA-Os and M@FA NPs. The binding energies of Fe in 
the 2p3/2 and 2p1/2 orbitals were 710.4 and 723.8 eV, respectively. The binding energies 
of O in 1s, C in 1s, and N in 1s orbitals were 529.9, 284.8, and 399.6 eV, respectively. 
The overlapping binding energy of Os in 4f and Fe in 3p was approximately 55.3 eV. 
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Figure S2. TEM images of bare MNPs on carbon-coated copper grids. 

 
Figure S3. Growth curves of S. oneidensis MR-1 and E. coli K12 evaluated with optical 
density at 600 nm. All bacteria were treated with DAB polymers and cultured under 
aerobic conditions in LB medium at 30°C for 10 h before evaluating electricity 
production and proliferation. 
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Figure S4. Anodic current (Ic) versus time measurements conducted on indium tin 

oxide electrodes poised at +0.2 V with lactate as a sole electron donor under anoxic 

conditions at 30°C. The Ic time profile from DAB-polymerized Shewanella oneidensis 

MR-1 with and without MNPs conjugated with osmium tetroxide and FA (M@FA-Os 

NPs), and only M@FA-Os NPs depicted using black, red, and bule lines, respectively. 

The error bars represent the standard error of the means (n = 3).  
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Figure S5.  Relative abundance of all operational taxonomic units (OTUs) under four 

conditions of enriched and original sample before/after electrochemical incubation 

(EEI) for 35 h. The OTUs highlighted in red showed a low relative abundance before 

the electrochemical assay and greatly increased after the electrochemical assay.  
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Figure S6. Differential pulse voltammograms from the enriched and original samples. 
“Enriched” is the sample treated by magnetic nanoparticles conjugated with folic acid 
and osmium tetroxide (M@FA-Os NPs) before electrochemical measurement. 
“Original” is the sample that was not treated using our method. The data shown here 
are DPV at electrochemical incubation for (A) 80 and (B) 160 h in the enriched and 
original samples as shown in Figure 6C. 
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Figure S7. Alpha diversity of microbial community units under four conditions of 

enriched and original sample before/after electrochemical incubation (EI) for 35 h. The 

values of (A) Chao1 and (B) Shannon indices are plotted: Original, original sample; 

“Enriched” is the MNP-enriched sample before electrochemical measurement. 

“Original” is the sample that was not treated using our method. Electrochemical 

incubation (EI)- enriched and EI-original are enriched and original samples enriched 

through EI for 35 h, respectively. 

 

 



 141 

  

Figure S8. Principal coordinate analysis (PCoA) of all operational taxonomic units 
under four conditions of enriched and original samples before/after electrochemical 
incubation (EI) for 35 h based on the unweighted UniFrac distances. Circles highlight 
each cluster: Original (yellow), the sample that was not treated using our method; 
Enriched (green), enriched samples with the M@FA-Os NPs; Electrochemical 
incubation (EI)-original (orange), and EI- enriched (blue), the enriched and original 
samples enriched through EI for 35 h, respectively. 
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Figure S9. Venn diagram of the bacterial genera in the four conditions (Original, 
Enriched, EI-original, EI- enriched). Microbial community overlaps between the 
conditions are presented by overlaps in the diagram. Original (yellow), the sample that 
was not treated using our method; Enriched (green), enriched samples with the M@FA-
Os NPs; Electrochemical incubation (EI)-original (orange), and EI- enriched (blue), the 
enriched and original samples enriched through EI for 35 h, respectively. 
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Figure S10. Correlation of bacterial relative abundance with current production (nA) 
from electrochemical samples (n = 7). 
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Scheme S1. Proposed mechanism of covalent bond formation between DAB polymer 
and OsO4. First, the DAB monomer is oxidized by H2O2, with the catalysts of heme 
iron centers in cytochrome, to form the DAB polymer. The double bond in the DAB 
polymer is further oxidized by a strong oxidant (OsO4) to form osmic ester bonds, thus 
generating two types of osmium-conjugated DAB polymers, Os(IV)O4-DAB or 
Os(VI)O4-DAB. 
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Enriched 

Method 

Electrochemical system  Pmax Time  Ref 

MFC only Dual-chamber MFC 1487 ~24 d (66) 

Dual-chamber MFC 27.3 62 d (67) 

MFC with NPs Dual-chamber MFC with 

FeS/FeS2 NPs 

519 46 d (68) 

Sediment MFC with Fe2O3 

NPs 

87.85 10 d (69) 

M@FA-Os NPs 

enrichment 

None 2828 <1 d This 

work 

Table S1. Various bacterial enriched methods using different electrochemical systems, 
maximum of power density (Pmax), and required time for reaching Pmax. 
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Samples name input filtered denoised 
non-

chimeric 

Accession 

No. 

Original NIMS-Ele-C 180,625 123,366 123,174 102,003 DRR374771 

Enriched NIMS-Ele-1 136,426 91,813 91,725 87,310 DRR374769 

  NIMS-Ele-2 126,312 88,221 87,791 83,430 DRR374770 

EI-original NIMS-Ele-F7 179,635 126,362 125,969 109,789 DRR374778 
 NIMS-Ele-E7 144,510 101,237 100,855 85,074 DRR374773 

 
NIMS-Ele-

E72 
125,396 87,655 87,221 73,857 DRR374774 

EI-enriched NIMS-Ele-F4 158,471 111,586 111,268 95,450 DRR374775 

 
NIMS-Ele-

F42 
189,129 131,978 131,695 113,334 DRR374776 

 NIMS-Ele-F5 175,199 122,156 121,926 106,397 DRR374777 

  
NIMS-Ele-

D4 
161,581 113,034 112,855 97,664 DRR374772 

Table S2. The numbers of filtered, denoised and non-chimeric reads processed from 
raw FASTQ data. “Enriched” is the M@FA-Os NP-enriched sample before 
electrochemical measurement. “Original” is the sample that was not treated using our 
method. Electrochemical incubation (EI)- enriched, and EI-original are enriched, and 
original samples enriched through EI for 35 h, respectively. 
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Chapter 6  Summary and Future Perspectives 

6.1 Summary 

This dissertation investigates how Pseudomonas aeruginosa maintains viability under 

anaerobic, energy-limited conditions by using extracellular electron transfer (EET). 

Through a combination of electrochemical quantification, genetic manipulation, and 

molecular transport analysis, this work defines how redox-active metabolites (RAMs), 

efflux pumps, and membrane permeability collectively determine the efficiency of 

RAM-mediated metabolism and shape bacterial survival. 

A high-throughput 96-well electrochemical platform was developed to precisely 

quantify PCN-driven EET and establish the minimal metabolic rate required to sustain 

viability without growth. This platform enabled mechanistic dissection of transport 

processes that constrain electron-shuttle function. Efflux pumps, traditionally viewed 

as detoxification systems, were shown to act instead as bioenergetic regulators: their 

activity dissipates the proton-motive force, drives compensatory metabolism, and 

reduces antibiotic resistance under low-energy conditions. Membrane permeability 

emerged as a second major determinant of RAM-supported metabolism. Highly 

permeable RAMs, such as pyocyanin, sustain higher metabolic flux and enhance 

antibiotic susceptibility through metabolism-linked stress. 

Extending these insights to natural environments, osmium-grafted magnetic nanobeads 

were developed as a culture-free tool to selectively enrich electroactive bacteria (EAB) 

based on outer-membrane redox activity. This method rapidly isolated electrogenic taxa 

from environmental microbiota, improving current generation and enabling the 

identification of microbes that rely on EET to survive in low-energy niches. 

 



 

 

 

154 

Together, these findings establish transport-governed EET as a central mechanism 

supporting bacterial persistence under energetic scarcity and provide new 

methodological and conceptual tools for investigating redox-based survival strategies 

across both pathogenic and environmental microbial systems. 

6.2 Future perspectives 

6.2.1 Essential metabolic functions for survival under low-energy conditions 

This work demonstrates that under low-energy, non-growing conditions, cells are not 

metabolically quiescent but instead maintain a minimal yet adjustable level of 

metabolic activity. In Chapter 2, by using efflux pump activity and PCN-mediated 

redox cycling as quantitative readouts, we showed that cells actively increase metabolic 

flux to compensate for excessive PMF dissipation. These findings indicate that low-

energy cells possess positive metabolic requirements for survival, rather than persisting 

as passively surviving entities, and they highlight the central role of PMF homeostasis 

in low-power physiology. 

A natural next question is: beyond PMF, what are the critical cellular functions that 

require a baseline metabolic flux for survival under low-energy conditions? Two 

candidates emerging from this work are ion homeostasis and membrane homeostasis. 

First, prior studies have shown that elevated ion concentrations impose osmotic stress, 

forcing cells to spend ATP or PMF to prevent plasmolysis and maintain turgor (1, 2). 

How bacteria allocate limited metabolic resources to operate ion transporters and 

sustain osmotic balance under energy limitation remains largely unresolved, and 

represents a promising direction for future research. Second, membrane homeostasis—

particularly the maintenance of lipid composition, fluidity, and integrity—may 

represent an additional and substantial energetic demand. This hypothesis is supported 

by two lines of evidence: (i) in collaborative work with the Newman laboratory, 
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membrane-disrupting agents such as colistin dramatically reduced survival compared 

with antibiotics targeting intracellular processes (3); and (ii) findings from Chapter 4 

show that RAM-mediated redox cycling and metabolic flux are tightly coupled to 

membrane permeability and transport properties. Together, these observations suggest 

that membrane maintenance may be a central component of the energetic floor that 

defines low-energy survival. Future experiments that directly perturb lipid remodeling, 

membrane energetics, and permeability regulation under anaerobic, energy-limited 

conditions—while monitoring both current output and viability—will be essential for 

constructing a more complete model of bacterial maintenance metabolism. 

6.2.2 Can cells reach even lower metabolic states? 

A second direction is to investigate whether cells can enter metabolic states that operate 

at rates even lower than those of non-growing but readily resuscitable populations. 

Viable-but-non-culturable (VBNC) cells represent an extreme low-energy state in 

which metabolic activity is markedly reduced (4). Previous work comparing VBNC 

populations with persister-like cells—cells that survive antibiotic exposure and can 

resume growth under oxic, nutrient-rich conditions—has shown that VBNC cells 

exhibit substantially lower membrane potential and PMF (5). This observation raises 

an intriguing possibility: do VBNC cells actively downshift their metabolic rate and 

relinquish certain maintenance functions to further minimize energetic demand? If so, 

this would suggest that processes essential for survival in the non-growing state may 

become partially or entirely dispensable in the VBNC state. 

Genetic approaches offer a powerful route to probe the minimal energetic architecture 

required for bacterial survival. During research exchange at the Newman laboratory, 

genome-wide screening strategies such as Tn-seq were being explored to identify 

determinants of survival under energy-limited conditions. Coupling such genetic 
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screens with the high-throughput electrochemical platform developed in this thesis 

could enable direct mapping of gene deletions to maintenance metabolism, thereby 

defining which cellular processes constitute the irreducible energetic core necessary for 

long-term viability. 

6.2.3 Applying rapid EET-enrichment tools to assess the generality of low-energy 

survival strategies across natural microbial ecosystems 

The osmium-grafted magnetic nanobead enrichment strategy developed in Chapter 5 

opens new opportunities for characterizing extracellular electron transfer (EET) across 

diverse natural ecosystems. Having demonstrated in earlier chapters that EET provides 

a crucial mechanism for sustaining viability under energy-limited conditions in 

Pseudomonas aeruginosa, an important next step is to investigate whether similar 

strategies are employed by environmentally relevant microorganisms. By applying the 

M@FA-Os NP–based enrichment method to anaerobic or microoxic environments—

such as sediments, wastewater, subsurface aquifers, and hypoxic biofilms—researchers 

can rapidly isolate distinct electroactive taxa and compare their redox-based survival 

strategies. 
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